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First Record of the Enicocephalidae (Heteroptera)
in Michigan and Ohio
Daniel R. Swanson1

Abstract
The unique-headed bug, Systelloderes biceps (Say), is reported from Michigan and Ohio, resulting in two new state records for the family Enicocephalidae.
____________________

Enicocephalomorpha represents the most basal lineage of the heteropteran
phylogeny, of which 13 species in 7 genera may be found in the United States
and Canada (Wygodzinsky and Schmidt 1991). Commonly called unique-headed
bugs for their bizarre appearance, or gnat bugs for the aerial lekking habits of
some species, these small heteropterans typically occur in cryptic microhabitats, often under bark or in soil. They are predaceous, preying on soft-bodied
arthropods encountered in situ. Usinger (1945) provided a classification of
the family (then comprising both the Aenictopecheidae and Enicocephalidae).
Kristky (1977a) contributed bionomic information for the family. Wygodzinsky
and Schmidt (1991) revised the classification of the New World species and
compiled knowledge concerning the infraorder in a large and well-illustrated
monograph. Štys (1995a, 1995b, 1995c) broadly discussed the taxa on a global
scale, keyed the genera (Štys 2002), and considered zoogeographical factors and
the confounding influence of large numbers of undescribed taxa (Štys 2008).
Of the unique-headed bugs found in the United States, only one species,
Systelloderes biceps (Say, 1831), is widely distributed in the eastern states.
Froeschner (1988) recorded S. biceps from Arizona, District of Columbia, Florida,
Illinois, Indiana, Iowa, Kentucky, Louisiana, Maryland, Missouri, New York,
North Carolina, Pennsylvania, Quebec, Rhode Island, Tennessee, Utah, and
Virginia. Drew and Van Cleave's (1962) record for Oklahoma was overlooked,
Krauth and Young (1994) added Wisconsin, Polhemus (1997) added Kansas, and
Maw et al. (2000) added Ontario and Nova Scotia. Kritsky (1978) provided the
latest treatment of the genus Systelloderes Blanchard, 1852, which was moreor-less excluded from Wygodzinsky and Schmidt's (1991) monograph.
Herein, Michigan and Ohio are added to the range of Systelloderes biceps, and
the first known record for the family Enicocephalidae in each state is presented.
Materials and Methods
Generic identification was accomplished using Kritsky's (1977b) key and
Wygodzinsky and Schmidt’s (1991) treatise, and thereafter, Kritsky's (1978) key
to North American and Caribbean Systelloderes afforded a specific designation.
Discussion of the wing venation follows the terminology of Wygodzinsky and
Schmidt (1991). Label data are not transcribed verbatim, but complete locality
information is included. Specimens are vouchered in one of the collections listed
below. Data from these collections were supplemented with field observations
from the Pittsfield Preserve in Michigan.
Department of Entomology, University of Illinois at Urbana-Champaign, 320 Morrill
Hall, 505 South Goodwin Avenue, Urbana, IL 61801. (e-mail: drswanny@gmail.com).
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Collections are designated as follows: Daniel R. Swanson, personal collection (DRS); Illinois Natural History Survey Insect Collection, University of Illinois, Champaign, Illinois (INHS); Albert J. Cook Arthropod Research Collection,
Michigan State University, East Lansing, Michigan (MSUC); and University of
Michigan Museum of Zoology Insect Collection, Ann Arbor, Michigan (UMMZ).
Results and Discussion
The Pittsfield Preserve is a 535-acre piece of land residing in Pittsfield
Township of Washtenaw County. With portions set aside for recreational as
well as preservational purposes, the Preserve contains several different habitats, including prairie, forest, marsh, vernal pools, and farmed plots of corn and
soybean. On 8 April 2012, I collected one ultimate nymph of an enicocephalid
from a log in a forested section (Loop A) of the Central Area Rural Preserve of
the Pittsfield Preserve. On 13 April 2012, another ultimate nymph was collected
in the same general area and microhabitat. Both specimens were kept alive
and reared at my home in a vial provisioned with substrate from their natural
habitat. The first nymph molted to an imago on 15 April 2012, but the date of
death was not recorded. The second nymph, being additionally provisioned with
syntopic collembolans as prey, molted to adulthood on 20 April 2012. Feeding
was never observed, although daily observations were not maintained, and the
second specimen died on 7 May 2012.
The site of collection was a mesic oak-hickory forest, typical of lower
Michigan, encompassing Loop A of the Central Area Rural Preserve. The soil of
the loop consists of Blount loam, 2–6% slope, as characterized by Engel (1977),
with Morley loam, 2–6% slope, and Pewamo clay loam occurring in nearby
areas of the forest. Both specimens were taken under the bark of fallen or
downed oak logs; at some non-recent, earlier point, the logs had been sawn at
both ends, presumably sectioned from a larger downed tree, suggesting some
degree of maintenance/interference in the area. The logs generally were moist,
and the bark disengaged with relative ease. Slowly peeling sections revealed a
substrate of soft humus with various tunnels and networks carved in by various arthropods. Other logs were checked during each collection event, but no
other specimens were found.
Enicocephalids occasionally have been found in close association with ants
(Usinger 1945, Villiers 1960, Wygodzinsky and Schmidt 1991). The first specimen I collected was taken in a tunnel also containing Ponera pennsylvanica Buckley, 1866 (Hymenoptera: Formicidae: Ponerinae). When the unique-headed bug
nymph came into contact with the ants, both parties abruptly changed course,
an interesting outcome, as these interordinal encounters might be expected to
be frequent. Other invertebrates found on the same log were Augochlora pura
(Say, 1837) (Hymenoptera: Halictidae), several firefly larvae (Coleoptera: Lampyridae), and a few species of centipedes and terrestrial isopods. The second
specimen was taken on a log with a colony of P. pennsylvanica and abundant
poduromorph springtails [Collembola].
The first specimen (Fig. 1) collected has been vouchered in the University
of Michigan Museum of Zoology (UMMZ), whereas the second specimen (Fig. 2)
has been retained in the author's personal collection (DRS). The specimens bear
the following label data: MICHIGAN: Washtenaw Co., Pittsfield, Pittsfield Preserve, Loop A, woods, 8 April 2012, 42.2103°N 83.7201°W, 890 ft., D. R. Swanson,
#10/under bark of fallen oak trunk in woods/taken as ultimate nymph, molted
to adult on 15 April/det. D. R. Swanson 2012, STATE RECORD – MICHIGAN
[1 male] (UMMZ); idem. 13 April 2012, #15/taken as ultimate nymph, molted
to adult on 20 April, died on 7 May [1 male] (DRS).
This species was expected to occur in Michigan, being known from surrounding states and territories (e.g., Illinois, Indiana, Ontario, New York, and
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Figure 1. Dorsal habitus of live captive Systelloderes biceps, adult male. Photograph
taken by Mark O’Brien (UMMZ).

Figure 2. Habitus of pinned specimen of Systelloderes biceps, adult male: (a) dorsal;
and (b) dorsolateral view [flipped horizontally]. Images taken with Zeiss AxioCam HRc
Rev. 3 digital camera mounted to Zeiss SteREO Discovery V.20 stereomicroscope with
PlanApo S 0.63x objective. Images focus-stacked using Helicon Focus version 5.3 and
resulting image processed using Adobe Photoshop CS5.
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Wisconsin; see Fig. 3). Enicocephalomorphs often are overlooked in nature,
and even actively searching for them when they are known to be present can
be fruitless (Schuh 1970, Wygodzinsky and Schmidt 1991). Their small size,
viz. less than 7 mm for Nearctic species, and covert habitats may account for
this phenomenon, as well as explain the scarcity of records in the literature and
comparatively meager representation in biological collections. Case in point,
the two major collections in southern Michigan, viz. UMMZ and MSUC, were
searched for dry and wet specimens, and no Michigan representatives of the
family were found.
In addition to the specimens discussed above, I discovered the vestiges of
two unverified records of S. biceps in Michigan:
1) In the latter half of 2012, during my time in the UMMZ, an old card
catalog from the era pre-dating electronic databases was in the process of being
discarded. The cards belonged to the McBee Keysort system of edge-notched
cards (Anderson 1953). In the UMMZ, the system likely was implemented during the 1950s or 60s by T. H. Hubbell, Speed Rogers, and/or Roland F. Hussy
in an effort to catalog and archive known insect distributions (M. F. O'Brien,
pers. comm.). A single rescued card (Fig. 4) indicates that a specimen of Systelloderus [sic] biceps was taken in the E.S. George Reserve of Livingston County,
Michigan, on or before 3 September 1952 and subsequently catalogued in the
museum's McBee system. Although plausible, as previously mentioned, no
voucher specimen could be located.
2) My recent matriculation at the University of Illinois at Urbana-Champaign prompted me to investigate the INHS collection for records of Systelloderes
biceps. My search revealed one vial with material from Michigan under Hemiptera: Enicocephalidae. Further investigation showed that the vial contained

Figure 3. Current known distribution of Systelloderes biceps by state in the U.S.A. and
Canada.
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only one forewing (Fig. 5), although it clearly belongs to an enicocephalid. In
addition, the individual may be referred to the genus Systelloderes, owing to
the complete Cu, as well as the absence of a m-cu cross vein and, by extension,
the absent basal cell and open discal cell (Kritsky 1977b, Wygodzinsky and
Schmidt 1991). Indeed, the wing matches that of several examined specimens
of S. biceps. Yet, Usinger (1945) noted that anomalies occasionally occur in
the venation of one or both wings of various enicocephalid individuals, and this
specimen exhibits a coalescence of the r-m with the Rs and M, a phenomenon
present in other examined material and apparently not limited to one sex. The
forewing bears the following label data: MICHIGAN: Berrien Co., Mud Lake
Bog, 10 October 1971, ex. Sphagnum, T. G. Marsh et al., T. Marsh Collection,
INHS Insect Collection 761,717.

Figure 4. University of Michigan Museum of Zoology (UMMZ) McBee Keysort card for
Systelloderes biceps: (a) front; and (b) back.
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Figure 5. Single forewing of enicocephalid species, suspected Systelloderes biceps, from
Berrien Co., Michigan, in the INHS Insect Collection. Image taken with a Canon EOS
50D digital camera mounted on a Leica DM2500 compound microscope using a 5x/0.12
objective.

My search of the INHS collection also uncovered a specimen of S. biceps
from Ohio, herein reported as a new state record. The individual, a single adult
female, bears the following label data: OHIO: Pike Co., 23 August 1958, Terry
Marsh, det. D. R. Swanson 2014, INHS Insect Collection 761,719.
This insect surely is distributed widely in the Midwest, despite the scant
records, which doubtlessly result from a combination of collecting bias and
the other factors mentioned above. Wygodzinsky and Schmidt (1991) gave an
extensive and varied list of habitats for species of Systelloderes:
"Found in berlese samples from forest leaf litter, old sawdust
pile. Also under bark of trees, under wet cow droppings, in
suspended soil at leaf bases, under rocks along stream, around
corn roots, under moss."
Besides careful searching of suitable substrates, these insects also may be encountered in two other situations. First, the lekking habits of enicocephalids (e.g., Knab
1908, Usinger 1945, Schuh 1970), including S. biceps (Johannsen 1909, Kritsky
1977a), can provide unexpected but ample interaction with these minute bugs.
Sharing similarities to nematoceran Diptera, these swarms typically take place
in sunny areas and seem to facilitate the finding of mates. Although I have not
knowingly experienced these aggregations personally, I have collected a single
female specimen that alighted on my arm while walking through a park in Urbana,
Illinois, in June, suggesting aerial encounters are a possibility. Furthermore,
housed within the INHS, four individual vials, each representing a discrete collecting event from Champaign, Illinois, during the fall, contain 65, 75, 100, and
150 individuals of S. biceps. Each vial is variously annotated to indicate that
the specimens were taken while swarming. Admittedly, three of these appear
to be from the same locality but with different dates, and these collections were
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made in 1949 and 1950. Second, S. biceps exhibits nocturnal phototaxis and
therefore, could be encountered at lights at night. In Illinois, I have collected
several male specimens from my porch light in Champaign in August. In addition to targeting these behaviors, further biosurvey work, particularly where
special consideration is given to seclusive microhabitats, should demonstrate
the presence of S. biceps, and possibly other unique-headed fauna, in additional
eastern states.
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Survival and Phenology of Agrilus planipennis
(Coleoptera: Buprestidae) Reared on a Newly Developed
Artificial Diet Free of Host Material
Melody A. Keena1*, Hannah Nadel2, and Juli Gould2

Abstract
The final phase in the development of an artificial diet that contains no
ash host material and the phenology of the emerald ash borer, Agrilus planipennis Fairmaire (Coleoptera: Bupresidae) on that diet are documented. A diet
containing powdered ash phloem exists, but host material introduces potential
variability and contamination, and the cost and effort needed to collect and
process it can be high. The post-embryonic development of A. planipennis was
evaluated on four artificial diets lacking host material, and effects of variations
in diet layer thickness and moisture content were also investigated. The best
diet and rearing method resulted in 67.8% survival to pupation and 51% to
adult. Larval size and development rate were comparable to published accounts
for emerald ash borer larvae developing on susceptible host plants. Important
advances include reduction of antimicrobial components to the lowest functional
level; change of protein sources from wheat germ, brewer’s yeast, and casein
to soy flour and casein; reduction of diet moisture content to 50%; and adding
a fresh layer of diet to spent diet half-way through larval development. The
artificial diet represents a step toward the development of a standardized massproduction system for A. planipennis.
____________________

The emerald ash borer, Agrilus planipennis Fairmaire (Coleoptera: Bupresidae), is a native of Asia that was found in metropolitan Detroit, Michigan in
July 2002 and shortly thereafter in Windsor, Ontario, Canada. It threatens ash
trees in urban landscapes and natural forests throughout much of the United
States (Haack et al. 2002, Poland and McCullough 2006). Infestations resulting
from movement of infested nursery stock or firewood and adult emerald ash
borer dispersal contributed to its spread and it is now under federal quarantine
in parts of 24 states and two Canadian provinces (USDA-APHIS 2014). All
ash trees native to eastern United States are susceptible to emerald ash borer,
which is capable of killing a tree within 1–4 years if a sufficient number of larvae
feed in the secondary phloem and outer xylem to girdle the tree (Poland and
McCullough 2006, McCullough et al. 2009). A recent economic analysis suggests that annual costs associated with emerald ash borer are about $1.7 billion
Northern Research Station, Forest Service, United States Department of Agriculture –
51 Mill Pond Road, Hamden, CT 06492, USA.
2
Center for Plant Health, Science and Technology, Animal and Plant Health Inspection
Service, United States Department of Agriculture – 1398 West Truck Road, Buzzards
Bay, MA 02542, USA.
*Corresponding author: (e-mail: mkeena@fs.fed.us).
1

Disclaimer: The use of trade, firm, or corporation names in this publication is for the
information and convenience of the reader. Such use does not constitute an official
endorsement or approval by the U.S. Department of Agriculture or the Forest Service of
any product or service to the exclusion of others that may be suitable.
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(2014 dollars) in combined government expenditures and value lost to private
land owners (Aukema et al. 2011). Early efforts to eradicate emerald ash borer
populations were not successful and chemical control can be used to protect high
value urban trees but is impractical in forests (Herms and McCullough 2014).
Biological control using parasitoids and introduction of resistance traits to susceptible native ash species through breeding have promise as cost-effective and
environmentally safe, albeit long-term, alternatives for control of emerald ash
borer (Cappaert et al. 2005, Poland and McCullough 2006, Bauer et al. 2008,
Rebek et al. 2008, Herms et al. 2009, Whitehill et al. 2012).
A reliable, year-round source of large numbers of laboratory-reared
emerald ash borer would advance biological control efforts and promote studies of control strategies that require laboratory bioassay. An artificial diet
containing powdered ash phloem was developed to rear larvae to the adult
stage, but is limited by time-consuming phloem harvesting and preparation,
and inconsistent larval survival (Gould et al. 2004). Mass production may be
hampered by potential variability introduced through host material in the diet
and susceptibility to microbial contamination. Larval parasitoids of emerald
ash borer are currently reared on emerald ash borer larvae reared in small ash
bolts and the egg parasitoids are reared on eggs produced by either reared or
wild caught adults (Duan et al. 2012, USDA 2013). Preliminary trials indicate
that the larval parasitoid Spathius agrili Yang (Hymenoptera: Braconidae) will
parasitize emerald ash borer in the artificial diet described in this paper (H.
Nadel, personal observation), which could eliminate the need for ash products
in rearing larval parasitoids if biology is not altered in the process. Research
focusing on understanding mechanisms of ash resistance to emerald ash borer
in Asian ash species requires a standardized bioassay, without variability introduced by host material, to evaluate resistance-related phytochemicals and
proteins (Cipollini et al. 2011; Whitehill et al. 2011, 2012). Efforts to screen
pesticides are equally restricted by the resources needed to obtain large numbers
of even-aged individuals from infested wood. The current method for obtaining emerald ash borer adults and larvae from infested wood is laborious, puts
constraints on lab resources and time, and is inadequate for many practical
research applications. Year-round mass rearing would greatly facilitate research
and management of emerald ash borer.
Several semi-artificial diets have been developed for rearing coleopteran
wood pests but little information exists on artificial diets for rearing Buprestidae.
Gould et al. (2004) reported some success rearing emerald ash borer on an artificial diet developed originally for the weevil Hylobius transversovittatus (Goeze)
(Blossey et al. 2000) with ash phloem powder substituted for the original hostplant material. Gindin et al. (2009) reported on a successful diet for Capnodis
spp. that contained cortex tissue from the host plant. To date, all artificial diets
on which buprestid larvae can complete development contain some host plant
material except a diet for the buprestid Capnodis tenebrionis (L.) that allowed
some larvae to complete development (egg to adult) in 130 d, but percentage
mortality data are lacking (Mourikis and Vasilaina-Alexopoulou 1975).
The diets tested in this paper were formulated using methodology similar
to diet development for a cerambycid, Anoplophora glabripennis (Motschulsky)
(Keena 2005). Information was incorporated from published diets for buprestids
that contain host material, a study of the nutritional composition of an earlier
formulation of the diet compared with phloem from various Fraxinus species
(Hill et al. 2012), and general information on insect nutritional requirements.
The initial approach was to modify existing coleopteran diets, some of which were
previously tested on buprestid larvae, by substituting cellulose for host-plant
material and replacing some ingredients with others more readily available.
However, almost no larvae survived. The next phase evaluated systematic
modifications of individual ingredients and additions of others (resulting in 20
different diets), which did little to improve larval survival rates. Subsequently,
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the diets were further modified (15 additional diets, Supplemental Table 1) to
evaluate various quantities of antimicrobial compounds and sources/quantities
of protein on larval survival (nutritional analysis indicated the diet contained
more protein than the amount present in susceptible ash phloem). Physical
modifications to the rearing system were also assessed during this phase, including infestation with eggs or neonates, vertical or horizontal orientation of
rearing dishes, and ways to replace or replenish spent diet. During this phase,
reduction of protein content and modification of the protein source (without
other changes) did not significantly improve survival and development on the
artificial diet (Supplemental Table 2). However, a reduction of antimicrobials
and a modified orientation of the rearing dish from horizontal to vertical improved larval survival and development, some even surviving from egg to adult
(Supplemental Table 2). At each step in the process, new modifications were
compared with the best diet and technique available.
This paper documents the final phase in the development of an artificial
diet that contains no host plant material (Fraxinus spp.), and the phenology and
survival of emerald ash borer on that diet. Three experiments are presented.
The first compares larval survival and development on four diet formulations,
each presented to the larvae in thin or thick layers of diet. The second compares
larval survival and development on a diet containing three moisture levels. The
third documents larval size, weight, and instar in destructively sampled cohorts
reared on the best diet over time. The best diet and rearing methods have since
been used to rear six generations of emerald ash borer.
Materials and Methods
Diet production and preparation. Artificial diets were made in a 12-L
steam-jacketed kettle. Ingredients are given in Table 1 in the order in which
they were added. All work surfaces and the kettle were disinfected before the
diet was made, and workers wore disposable gloves and lab coats to minimize
diet contamination. The diet was continuously mixed with a paddle assembly
from the time the heat was turned on until the diet was ready to pour. In the
first step, the starting base was added to the kettle and brought to a rolling boil.
Second, dry mix #1 was added to the kettle. Third, following integration of dry
mix #1, dry mix #2 and the wet mix were added and the mixture was allowed
to return to a rolling boil for 30 seconds before the heat was turned off, after
which the diet continued to boil for several minutes. This was necessary to kill
bacteria and denature any enzymes, especially in the wheat germ, that could
degrade the diet. Fourth, after the diet was mixed without heat for 5 minutes
and allowed to cool, the vitamins and fiber were added. When the last ingredient was thoroughly mixed in (about 10 minutes after the heat was turned off),
the mixer was turned off. The diet was covered with plastic film to prevent
microbial contamination and medium desiccation while aliquots were processed.
The diet was rolled into 3 or 6 mm thick sheets. Two wooden or Plexiglas
platforms (5 × 46 cm, 3 or 6 mm high) were taped to the countertop 30 cm apart
and covered with a sheet of heavy duty aluminum foil taped at the corners after
it was smoothed over the platforms. About 240–480 g (depending on desired
thickness of the sheet) of the hot, unsolidified diet were shaped into a long cylinder and placed on the foil mid-way between the two platforms with the long
axis parallel to them. A sheet of heavy waxed paper was put over the diet and
a heavy metal rod was rolled over the platforms to flatten the diet into sheets
as thick as the platforms (3 or 6 mm). The diet, still between the foil and waxed
paper sheet, was removed to cool on a rack and a new foil bottom and wax paper
top were used to roll out the next diet sheet. Once the diet cooled to room temperature, the foil and wax paper were removed and the diet sheets were placed
individually in 0.049 mm thick resealable plastic bags (Uline.com, S-10824);
up to five bagged single sheets were placed inside 0.098 mm thick resealable

12

THE GREAT LAKES ENTOMOLOGIST

Vol. 48, Nos. 1 - 2

Table 1. Diets evaluated for rearing Agrilus planipennis. Pre-mixed groups of ingredients are presented in sequence of addition during diet preparation.
Diet and amount (g)

Vitamins & Fiber

Wet
Dry
Mix Mix #2

Dry Mix #1

Starting
Base

Ingredient (vendor, item #)
Distilled water
Agar Gracilaria species (mooragar.com, 41005)
Sodium bicarbonate (grocery store, baking soda)

1

2

3

4

5,000 5,000 5,000 5,000
220

220

220

220

5

5

5

25

Casein (Americancasein.com, AC-130)

200

200

200

200

Sucrose (grocery store, table sugar)

300

300

300

300

Wesson salt mix without Fe (testdiet.com, 25671)

45

45

45

45

Sorbic acid (insectrearing.com, 6967)

5

5

5

5

Calcium propionate (sigmaaldrich.com, 18104)

5

5

5

5

Methyl paraben (insectrearing.com, 7685)

5

5

5

5

Potato starch (nuts.com)

200

200

200

200

Wheat germ (insectrearing.com, 1659)

500

300

0

300

Soybean flour (insectrearing.com, 1500)

0

200

500

200

Cholesterol (insectrearing.com, 5180)

19

19

19

19

Wheat germ oil (insectrearing.com, G5960)

24

24

24

24

Choline chloride (insectrearing.com, 6105)

4

4

4

4

Vitamin A acetate beadlets (ZMC-USA.com, 325
CWS/GFB)

5

5

5

5

Vitamin mix (insectrearing.com, F8128)

71

71

71

71

Cellulose (insectrearing.com, 3425)

1,500 1,500 1,500 1,500

Vendor website and product number are provided in parentheses after each ingredient,
when possible.

plastic bags (Uline.com, S-7457). Bagged sheets were held at 10 °C or room
temperature until moisture content was analyzed on a sample from each sheet.
Freshly made diet sheets contained about 60% moisture (the driest the diet
can be made and still be manipulated before it solidifies), which was determined
to be excessive for rearing (MA Keena, unpublished data), so the sheets were
laid on a plastic rack (raised 9 cm above the bench surface) to dry in a laminar
flow hood before use. The hood was first thoroughly cleaned and sterilized with
UV lights for 30 minutes to minimize microbial contamination during drying.
Depending on the relative humidity in the room, the diet required 6–9 hours
to dry to the desired moisture content. Diet sheets were turned over every 3
hours to ensure even drying. A 2.5 cm diameter sample of the diet (8–10 cm
from the edge) was taken before the drying process began and then again after
4–6 hours to monitor moisture content. In experiment 1, diet samples were
weighed before and after drying under a hood for several days (until weight
loss stabilized) to calculate moisture content, while in experiment 2, a moisture
analyzer (A&D Company Limited, Tokyo Japan, MF-50 Moisture Analyzer)
was used. The moisture analyzer was set to dry in standard mode at 200 °C
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and stop when the sample lost less than 0.20% weight per minute. Additional
interim samples, if needed, and a final sample were taken to confirm moisture
content. Once the diet was dried to the desired moisture content, it was stored
in a clean resealable plastic bag at < 10 °C until use.
Diet was transferred to rearing dishes under a laminar flow hood sterilized
with UV light. Bags containing dried diet sheets were cut open in the hood and
used as work surfaces. The bottoms of sterile, air-tight Petri dishes (FalconTM
50 mm diameter × 9 mm deep) were pressed into the diet to cut out diet disks,
and the disks were pressed into the dishes to remove all air pockets between
the diet and the bottom of the dish. A symmetric lens- shaped notch (~ 5 mm
W × 15 mm L) was cut away from the diet edge to provide an egg infestation
chamber. Prepared rearing dishes were labeled with diet batch, sheet number,
and moisture content of the dried diet. Diet in dishes was stored up to one
month in plastic bags at 10 °C until use.
Experimental insects. Wood naturally infested with immature emerald
ash borer was collected in Michigan by either United States Forest Service or
Animal and Plant Health Inspection Service personnel, held in refrigeration
units (4 °C) for various periods and transferred to room temperature in horizontal
cardboard tubes with a clear collection cup attached to one end. Adult emerald
ash borer were collected from the cups daily during the week and housed in Petri
dishes with fresh ash leaves. The dishes were shipped in Tyvek envelopes under
permit in a small cooler to the United States Forest Service quarantine facility
in Ansonia, CT. Voucher specimens of adults were deposited at the Entomology
Division, Yale Peabody Museum of Natural History, New Haven, CT.
Beetles were sexed and placed in single-sex, 7.6 L containers (Rubbermaid® 8 quart 22.2 cm L × 21.1 cm W × 22.2 cm H) for a minimum of 6 days of
maturation feeding prior to mating in single pairs in 0.9 L Ball ® wide mouth
glass jars with a mesh lid or in groups in 7.6 L plastic containers. The lid of
the 7.6 L containers had an 11 cm diameter window and was snapped on over
a piece of fine mesh cloth. There were also two 5 cm diameter mesh windows
on the sides of the containers. Beetles were supplied with fully expanded and
hardened foliage of Fraxinus uhdei (Wenzig) Lingelsh and water. Fraxinus uhdei
is an evergreen ash from Mexico that emerald ash borer readily utilizes and its
foliage can be harvested year round if maintained in a greenhouse under long
day-length lighting. The foliage was harvested in the greenhouse from 2.5 m tall
potted trees and gently washed with a dilute soap solution to remove unwanted
arthropods, rinsed twice with cool tap water, and allowed to air dry. Drinking
water (tap water) was supplied in a 5 cm long wick of 1 cm diameter braided
cotton roll (Richmond-dentistry.com, 201208) pushed through a hole in the lid of
a 30 ml squat plastic container (Solo® translucent soufflé portion cup, cup P100
and lid PL1). The leaf petiole was either placed in the water container beside
the cotton roll (single pairs) or through a hole in the lid of a 236 ml plastic cup
(group matings) (berryplastics.com, cup T30908CP and lid L309). A paper towel
was placed in the bottom of the container to absorb excess moisture. The egglaying substrate was built with a 20 cm long × 1.9 cm diameter solid PVC rod
(single pairs) or a 23.5 cm × 4.8 cm diameter PVC pipe (group matings) wrapped
first with white butcher paper and then with a spiral of 1.9 cm wide crimped
curling ribbon spaced 1 cm apart without overlap. Purple curling ribbon was
used because emerald ash borer females are attracted to that color (Francese
et al. 2010) and it improved oviposition rate over other options tested in earlier
studies (MA Keena, unpublished data). Beetles were held at 25 + 2˚ C, 16:8 L:D
and 65 + 5% RH. Foliage was changed twice a week and eggs harvested once
a week. Harvested eggs were held in Petri dishes (Falcon™ 100 × 15 mm) on
a platform over water in a plastic box with a clear lid (30 cm × 70 cm × 20 cm)
to maintain high humidity, and held at the same conditions as the adults until
use or hatch. Eggs were checked daily during the week for hatch.
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Diet infestation. When eggs were used to infest the diet, a piece of paper
with 1–2 eggs (8–12 days old) was placed in the lens-shaped notch in the diet,
with the edge of the paper wedged between the bottom of the dish and the diet,
and with the egg facing toward the bottom and not in contact with the diet (Fig.
1). When neonate larvae (1-24 hours after hatch) were used to infest the diet,
they were first checked under a dissecting microscope to ensure they appeared
alive (not desiccated). A small slit in the diet was made near the notch, a few
crumbs of diet were removed from the slit, and the larva was placed in the slit
using a fine paint brush and carefully covered with a few crumbs of diet. When
the lid was placed on the dish, care was taken to avoid exerting pressure on the
larva. Working surfaces and tools were sterilized before use with a 2% benzalkonium chloride tincture (50% aqueous solution, mpbio.com, SKU 0215043191,
diluted with 95% ethanol and water) or 5% solution of Krac Bac Plus (hillyard.
com, Item 50); disposable gloves were worn to minimize diet contamination.
Petri dishes containing infested diet were stacked (8 dishes high) in 237
ml clear polystyrene jars, and the jar lids screwed on to hold the dishes in place.
To orient the dishes vertically, the jars were laid on their sides with the diet
notches oriented upward. The jars were placed in opaque tote boxes (45 × 28 ×
23 cm) and held at the same environmental conditions as the adults.
Experiment 1. Diet 1 was the best diet tested in earlier trials with a
slightly higher amount of methyl paraben (Diet N in Supplemental Table 2).
In Diets 2 and 3, 40% and 100%, respectively, of the wheat germ in Diet 1 was

Figure 1. Agrilus planipennis diet in a Petri dish (view of the underside of the dish),
showing the crescent-shaped notch and an egg on paper. Initial larval trails are visible.
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replaced with soybean flour (50% protein, food grade). Soybean flour is readily available, comes with a standardized protein content (wheat germ is more
variable, averaging around 25%)), and has been used in other beetle diets. In
Diet 4, a higher level of sodium bicarbonate was added to the Diet 2 formula
to reduce acidity, which necessitated a test of its effect on the function of the
antimicrobial ingredients. The average moisture content of these diets was 48%
by weight. Two diet layer treatments were also compared, a single 6 mm thick
layer, and two 3 mm thick layers, with the second layer added after 5 weeks.
A minimum of 58 individuals was evaluated on each diet. Equal numbers
of eggs or larvae from each family or group-mating cage were tested per diet to
ensure the genetic variation was equally represented across families. Newly
hatched larvae were used to infest 14% of dishes, while the remainder of the diet
dishes was infested with eggs near hatch. After initial trials, egg infestation
became the preferred method because it reduced the time to set up the experiment and avoided damage to larvae during transfer. A test was made to change
the orientation of diet dishes during rearing from horizontal to vertical, with
the egg placed at the top, based on the finding that emerald ash borer larvae
primarily tunnel downward along the vertical plane of the trunk of healthy ash
trees (Chen et al. 2011).
Hatch and larval survival were first checked after 21 days. The egg
paper was removed, egg hatch was determined, and visual evidence of larval
establishment was documented (frass and tunneling activity). Larval survival
was assessed again visually at 5 weeks when the 6 mm diet was changed, if
contaminated, and a second sheet of 3 mm diet was added to a 3 mm treatment.
If mold or bacteria were found, the entire dish was discarded unless the larva
was in a clean section of diet and could be transferred with low risk of contaminating a new diet dish. After 70 days larvae were excavated (Fig. 2), checked
to determine if they had reached the J-shaped stage, indicating readiness to
become pre-pupae, and if so were chilled to undergo simulated winter conditions.
Morphological changes in larvae indicating they were ready for chill included
a slight reduction in length and reduction to complete loss of intersegmental
constrictions. At this stage larvae also became whiter, more opaque, and the
thoracic segments were narrower and shorter than the abdominal segments. If
the larva was not ready for chill at 70 days, it was reinserted into a furrow cut
in its diet or in fresh diet (if the diet was extensively tunneled) and covered with
diet crumbs or a flap of diet. In either case, the larva was placed in a space just
large enough to accommodate it and covered with diet to prevent desiccation.
Reinserted larvae were checked after 2–3 days to ensure they were still covered
or had initiated tunneling again. They were checked weekly until ready for chill.
Larvae were chilled for 84 days at 10 ˚C in the tight fitting dishes with
fresh diet. The chilling regime was chosen because it works well for A. glabripennis larvae reared on artificial diet (Keena 2005); an optimal chilling regime for
emerald ash borer will be explored in future. Diet dishes were held horizontally
during and after the chill period because the larvae were no longer actively
tunneling. After chill, larvae were returned to rearing temperature (25 + 2˚ C,
16:8 L:D and 65 + 5 %RH) and allowed to resume feeding (reinserted into the
diet as indicated above) or proceed to pupation. Once larvae clearly became
pre-pupae (indicated by slight translucence behind the head and the head
deeply retracted into the fleshy prothorax), they were moved to six-well plates
(Falcon® 351146 MultiwellTM), each well lined at the bottom with either filter
paper or a 2 cm square piece of single-faced corrugated cardboard to provide a
rough surface against which they could shed the larval and pupal skins. The
plates were held over water in a box to maintain moisture. Pupae were weighed
24 hours after first being observed. Time to pupation was calculated as time
from diet infestation to pupation, including the time in chill. After emergence,
adults were held in the six-well plates until they could stand (about 4 days),
then put in a 60 mm diameter x 15 mm deep Petri dish with an F. uhdei leaflet
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Figure 2. An Agrilus planipennis larva and tunnel after 10 weeks in artificial diet.

until they began feeding. They were then segregated by sex, moved to mating
containers, and allowed to feed 10 days before mating. The sex ratio of the
adults was calculated for each diet.
For statistical comparison, survival data from individuals set up during
each weekly interval (five weeks total) were grouped into separate cohorts.
Because fewer than 10 individuals were set up per treatment during the final
week of the experiment they were combined with the preceding week’s cohort;
there were 12-24 individuals per cohort, and four cohorts per treatment. Data
from unhatched eggs were withdrawn from the calculations. Data were partially
withdrawn (censored) if and when the diet became contaminated with microbes,
the individual was killed due to human error, or mold mites [Tyrophagus putrescentiae (Schrank)] infested the dish. Proportions surviving from hatch to
21 and 70 days and surviving from hatch to pupation and eclosion as adults
were calculated by dividing the number of individuals alive in the cohort by the
number of individuals in that cohort still in the study (i.e., not withdrawn) at
those points in time. The withdrawal category called “human errors” refers to
any eggs or larvae damaged during handling or dying due to poor placement
during infestation.
Experiment 2. In Experiment 2, the effect of diet moisture content
on rearing success was evaluated using Diet 1, which was the best available
diet at the time. The diet was presented as a 6 mm thick layer. The target
moisture levels were 45%, 50%, and 55%, but the moisture ranges achieved
were 46–47%, 49–52%, and 54–57%. Moisture content was determined with a
moisture analyzer. A minimum of 87 individuals was evaluated at each moisture level. To reduce variability from potential genetic effects, equal numbers
of individuals from each family or group-mated cage were used per diet. Eggs
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near hatch were used to infest 98% of dishes, while the remainder was infested
with neonates. Survival data, weights and sex ratios were determined as in
Experiment 1 for each of the treatments. Four weekly cohorts each contained
14-37 individuals per treatment (individuals from the first two weeks were few
and were therefore pooled).
Experiment 3. To evaluate larval growth and instar development on the
best artificial diet (Diet 3), 875 larvae were individually reared for intervals of
1–10 weeks on the diet, then extracted, measured, and removed from the study
(i.e., used for only one time interval). Between 80 and 105 individuals were
reared per treatment interval. Neonates (n = 236) or eggs near hatch (n = 639)
were used to infest diet, depending on availability. Once extracted from the
diet, larval prothorax width, body length, and weight were recorded. Larvae
to be measured at 3–10 weeks were provided rearing dishes filled to capacity
with 6 mm thick diet, but to minimize effort to search for very small larvae,
individuals to be measured only after 1–2 weeks were provided with diet filling
only one quarter to one half of the rearing dish.
Larval weight was recorded when it exceeded 1.0 mg (lowest capacity
of the balance used). Larvae were carefully held straight while the prothorax
width and body length were measured to the closest 0.01 mm. Smaller larvae
were measured using an ocular micrometer under a dissecting microscope and
larger larvae were measured using an electronic digital caliper.
Instars were assigned based on body length and prothoracic width of wild
larvae (Wang et al. 2005). The most accurate methods of instar assignment based
on head capsule and urogomphus width were not used because these body parts
cannot be properly measured, especially on smaller larvae, unless the larvae are
killed or immobilized, and healthy larvae were required for use in other studies.
Instar assignments are therefore estimates. Maximum and minimum limits for
each instar were designated as the mean plus or minus one standard deviation
for body length and two standard deviations for prothorax width, as considerable
overlap exists in the prothoracic width ranges of each instar (Wang et al. 2005). If
the two measurements conflicted and placed larvae in different instars, the more
conservative prothorax parameter was used, but if body length exceeded the mean of
the later instar, the later instar was assigned. If a larva died or could not be found,
or the diet was contaminated with fungus or mites, the replicate was discarded.
Data analysis. To compare percentage survival (which was normally
distributed) at each predetermined interval (21 and 70 d) and percentage that
pupated or reached adulthood, the larvae were grouped into weekly cohorts
(week placed on diet). The survival percentages for the four weekly cohorts
were evaluated using ANOVA followed by Tukey HSD mean comparisons with
α = 0.05 (Statistix 2013). In Experiment 1, the model used diet formula, diet
thickness and the interaction between the two as fixed effects, and in Experiment 2 diet moisture was the only fixed effect.
The fit of each data set to various distributions was evaluated using PROC
UNIVARIATE (SAS Institute 2006) with the histogram option. The Shapiro-Wilk
and the Anderson-Darling test were used to assess normality. However, in cases
where no distributions met the normality assumption at α = 0.05, we used the distribution that most closely emulated the data based on the tests for normality. The
following dependent variables were analyzed in PROC GLIMMIX (SAS Institute
2006): time to pupation and pupal weight for insects in each diet in Experiments 1
and 2; and prothorax width, body length, and larval weight in Experiment 3. Time
to pupation was the only discrete variable; the others were continuous.
In Experiment 1, a completely randomized design was used, with diet
thickness, diet formula, sex, the interaction between diet thickness and formula,
and the interaction between all three as fixed effects, and maternal family (either an individual female or a group cage) and diet moisture content as random
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effects. In experiment 2, a completely randomized design was used, with diet
moisture content, sex, and the interaction between the two as fixed effects, and
maternal family (either an individual female or a group cage) as a random effect. The gamma distribution with a log link function was fitted to pupal weight
data, while a negative binomial with a log link function was fitted to number
of days to pupation. These distributions gave the best fit to these data, which
had long right tails due to over dispersion.
In Experiment 3, a completely randomized design was used, with the week
the larva was extracted (treatment), the assigned instar, and the interaction
between the two as fixed effects and the diet batches and parental adult collection cohorts as random effects. A repeated measures analysis was not used
because the larvae were destructively sampled, not returned to the diet after
being measured, so each weekly cohort consisted of a different group of insects.
The lognormal distribution with an identity link function was fitted to larval
weights and a gamma distribution with a log link function was used for body
length and prothorax measurements. The prothorax width measurements were
multiplied by 10 before analysis to avoid taking the logs of decimal numbers.
For each model, residuals were evaluated for normality and the homogeneity
of variance. The group option was used in the random statement to account
for unequal variances among groups (Experiment 2: sexes for pupal weights;
Experiment 3: weeks for body length and instar prothorax width) if they existed.
Differences among means were determined by the least-squares means test with
α = 0.05 and a Tukey-Kramer grouping (SAS Institute 2006).
Results
Experiment 1: substitution of soybean flour for wheat germ, and
thickness of diet layer. Establishment (survival to 21d), survival to pupation,
and survival to adult exceeded 81%, 35%, and 29%, respectively on all combinations of diet formulation and thicknesses (Table 2). There was no significant
diet formulation or thickness effect on survival to 21 or 70 d, or survival to
adult. There was a significant diet formulation effect and diet formulation by
thickness interaction on percentage pupation: significantly more larvae pupated
on 3 mm-thick Diet 3 than on 6 mm-thick Diet 3, on Diet 1 of either thickness,
or on 3 mm-thick Diet 4.
Time to pupation and pupal weight did not differ significantly among the
four diets or two diet thicknesses and there were no significant interactions
between diet and thickness. Pupal weights, however, differed significantly by
sex but no interaction was evident between diet thickness, diet formulation,
and sex. Overall, female pupae weighed an average of 64.7 + 2.5 mg and males
weighed an average of 54.0 + 1.7 mg.
Experiment 2: Diet moisture content. Establishment, survival to pupation, and survival to adult exceeded 77%, 24%, and 19%, respectively, across
all tested diet moisture levels (Table 3). There was no significant effect of diet
moisture content, sex, or the interaction between the two on survival to 21 or
70 d, or on percentage reaching pupation or adulthood.
There were significant effects of both diet moisture content and the interaction between it and sex on time to pupation, where the driest diet prolonged
male development to pupation compared with diet containing 51% moisture.
Males in the driest diet also developed significantly more slowly than females in
that diet. Pupal weight was significantly affected by sex, with females weighing more than males, but it was not affected by diet moisture and there was
no interaction between diet moisture and sex. Although moisture content had
a significant effect only on days to pupation, the diet with 51% moisture was
consistently better biologically than the others in terms of percentage survival
to 21 and 70 d, pupation, and reared adults, and had the highest development

Diet thickness (mm)

6

3c

92.5 ± 5.5a

97.0 ± 2.9a

94.5 ± 3.3a

87.5 ± 6.0a

88.0 ± 6.2a

81.3 ± 4.3a

88.8 ± 5.7a

95.8 ± 2.5a

65

68

66

63

66

63

58

59

2

3

4

1

2

3

4

n

74.3 ± 5.5a

63.4 ± 4.1a

62.3 ± 4.2a

56.5 ± 9.3a

60.0 ± 5.6a

72.3 ± 11.2a

68.0 ± 5.5a

51.5 ± 6.9a

56.3 ± 5.3ab

39.0 ± 2.5b

35.8 ± 6.5b

35.4 ± 8.0b

35.0 ± 3.0b

67.8 ± 8.5a

49.3 ± 5.1ab

37.5 ± 3.5b

% Survival
% Survival
% Pupation
at 21 d
at 70 d
a
a
a (mean ± SE)
(mean ± SE) (mean ± SE)

1

Diet formulation

48.5 ± 7.3a

29.3 ± 6.4a

31.5 ± 5.0a

28.8 ± 4.9a

36.3 ± 9.3a

51.0 ± 5.0a

43.3 ± 6.0a

30.3 ± 3.3a

% Adults
(mean ±
SE)a
M 56.8 ± 4.8a
F 68.1 ± 9.1a
M 52.6 ± 4.5a
F 71.2 ± 5.8a
M 48.8 ± 3.5a
F 71.2 ± 5.2a
M 56.6 ± 4.9a
F 70.2 ± 6.4a
M 52.2 ± 4.1a
F 60.5 ± 5.4a
M 53.6 ± 4.9a
F 75.7 ± 8.1a
M 54.9 ± 4.8a
F 77.2 ± 9.0a
M 56.5 ± 4.3a
F 64.5 ± 6.2a

M 161 ± 11a
F 162 ± 20a
M 151 ± 11a
F 149 ± 10a
M 176 ± 11a
F 145 ± 9a
M 152 ± 12a
F 159 ± 13a
M 157 ± 11a
F 198 ± 15a
M 150 ± 11a
F 151 ± 13a
M 160 ± 10a
F 153 ± 16a
M 166 ± 11a
F 170 ± 14a

1:2

1:3

1:2

1:1

1:1

1:1

1:1

1:3

Pupal weight Sex
(mg)
ratio
(mean ± SE)b F:M

Time to
pupation
(d) (mean ±
SE)bd

Egg failed to
hatch
3

4

6

3

6

5

13

8

Microbes on diet
16

2

2

4

6

7

0

2

Human error
1

3

10

10

12

8

11

12

Trapped in
plastic
0

0

0

1

0

0

0

3

0

3

0

0

0

0

0

1

Mites

Number of individuals
withdrawn
from study and reason

Table 2. Results of Experiment 1: Effects of Diets 1 – 4 and diet layer thickness on survival and development of Agrilus planipennis.
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F 3, 24 = 4.75;
P = 0.0097

F 3, 24 = 2.75;
P = 0.0648
F 7, 73 = 1.64;
P = 0.1386

F 7, 69 = 1.03;
P = 0.4173

F 3, 69 = 0.68;
P = 0.5669

Human error

Microbes on diet

Egg failed to
hatch

a

Values followed in the same column by the same letter are not significantly different when analyzed by two-way analysis of variance followed
by pairwise Tukey HSD comparisons with α = 0.05 (Statistix 2013).
b
Means in the same column followed by the same letter are not significantly different when analyzed by PROC GIMMIX (SAS Institute 2006)
followed by Tukey-Kramer Least Squares Mean test with α = 0.05. M = male and F = female
c
Dishes initially contained a single 3 mm thick layer of diet; a second layer was added at 5 weeks.
d
This time period includes the time in chill; the end point is variable as they did not begin chill or pupate simultaneously.

Diet*
Thickness*
Sex:

F 3, 24 = 1.37;
P = 0.2762

F 3, 73 = 0.48;
P = 0.6976

F 3, 24 = 2.09;
P = 0.1281

F 1, 24 = 1.68;
P = 0.2067

Pupal weight Sex
(mg)
ratio
(mean + SE)b F:M

Diet*
Thickness:

F 1, 24 = 3.75;
P = 0.0646

Time to
pupation
(d) (mean +
SE)bd

F 1, 69 = 45.85;
P < 0.0001

F 1, 24 = 0.01;
P = 0.9300

% Adults
(mean +
SE)a

F 1, 73 = 0.05;
P = 0.8266

Thickness:

F 1, 24 = 1.70;
P = 0.2048

% Survival
% Survival
% Pupation
at 21 d
at 70 d
a
a
a (mean + SE)
(mean + SE) (mean + SE)

Sex:

Diet thickness (mm)

F 3, 69 = 0.27;
P = 0.8497

Diet formulation

F 1, 73 = 1.07;
P = 0.3047

n

Trapped in
plastic

Number of individuals
withdrawn
from study and reason

Mites

Table 2. Continued.
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F 2, 13 = 2.48;
P = 0.1228

F 2, 13 = 3.96;
P = 0.0454

1:3

4:1

5:1

Sex
ratio
F:M

Egg failed to hatch
16

20

19

24

7

2

Microbes on diet

14

9

7

1

1

8

1

0

3

a

Values followed in the same column followed by the same letter are not significantly different when analyzed by two-way analysis of variance
followed by pairwise Tukey HSD comparisons with α = 0.05 (Statistix 2013).
b
Means in the same column followed by the same letter are not significantly different when analyzed by PROC GIMMIX (SAS Institute 2006)
followed by Tukey-Kramer Least Squares Mean test with α = 0.05. M = male and F = female
c
This time period includes the time in chill and the end point is variable as they did not go into chill or pupate simultaneously.

F 2, 9 = 0.33;
P = 0.7285

M 152 ± 9ab
F 150 ± 15ab

Diet*Sex:

Diet:

F 2, 9 = 0.58;
P = 0.5773

19.2 ± 8.6a

M 142 ± 8b
F 146 ± 4b

29.0 ±
11.3a

F 1, 13 = 25.67;
P = 0.0007

F 2, 9 = 0.29;
P = 0.7583

F 2, 9 = 0.96;
P = 0.4201

24.7 ± 11.1a

41.3 ± 10.1a

M 40.2 ± 5.5c
F 72.2 ± 3.7a
M 57.7 ±
4.6abc
F 72.4 ± 4.0a
M 51.6 ± 4.0bc
F 81.7 ± 12.0ab

M 193 ± 13a
F 151 ± 5b

20.5 ± 7.2a

F 1, 13 = 2.34;
P = 0.1504

46.0 ± 12.2a

85.5 ± 6.6a

58.0 ± 13.4a

31.9 ± 11.1a

Sex:

104

56%
(54-57)

90.5 ± 2.7a

44.8 ± 15.6a

Pupal
weight (mg)
(mean + SE)b

Time to
Pupation (d)
(mean + SE)bc

% Adults
(mean +
SE)a

F 2, 13 = 2.37;
P = 0.1326

87

51%
(49-53)

77.7 ± 8.7a

% Survival % Survival
% Pupation
at 21 d
at 70 d
a
a
a (mean + SE)
(mean + SE) (mean + SE)

F 2, 13 = 5.92;
P = 0.0149

100

Diet moisture content (range)

47%
(47)

n

Human error

Number of individuals
withdrawn from study
and reason
Trapped in plastic

Table 3
Experiment 2: Effect of diet moisture on survival and development of Agrilus planipennis reared on Diet 1.
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rate to pupation. Microbial growth seemed most frequent on the diet with the
highest moisture content, while more larvae were observed to die by tunneling
into the rearing dishes when the diet was the driest. Adult sex ratio was skewed
toward females on the two drier diets and toward males in the diet with the
highest moisture content.
Experiment 3: phenology on best diet (Diet 3). Across all treatments,
77.9% of eggs hatched and 77.5% of larvae were alive when removed for examination. A total of 122 individuals were withdrawn (3.2% due to microbes, 9.0%
due to human error, and 1.7% tunneled in plastic) and 167 larvae were dead
when sampled. Significant interaction existed between weeks elapsed on diet
and prothorax width, larval body length, and larval weight. Within an instar,
larvae examined at earlier weeks tended to be smaller and weighed less than
those examined in later weeks, as expected (Table 4). Average prothroax widths
overlapped between instars two and three and between three and four except
during weeks 7-10. There was considerable variation in the rate of development
among larvae, but most reached the fourth instar by week 8 (Table 4). Larval
sizes (lengths shown in Fig. 3) and weights overlapped between instars and the
distributions of both in the fourth instar suggested a bimodal distribution, most
likely due to differences between the sexes.
Discussion
The diet with the highest percentage survival to adult was Diet 3 at the
3mm initial thickness (Table 2). This diet also appeared to have reduced microbial problems based on lower numbers of larvae withdrawn from the study.
The results show that the diet is sufficient to support full larval development
without host material and can result in a high rate of successful pupation (67.8%
pupation). This pupation rate is comparable to that achieved when larvae are
reared in green ash bolts (68%) for parasitoid production but less than when
tropical ash bolts are used in the process (Duan et al. 2013b). Current methods
for holding pupae are not adequate and improvements to the larval chilling
methods are needed to improve survival from egg hatch to adult. Several modifications in the diet and larval holding methods were needed to reach this level of
survival and development: reducing antimicrobial components in the diet to the
lowest functional level; changing protein sources in the diet from wheat germ,
brewer’s yeast, and casein to soy flour and casein; and reducing diet moisture
content from 60% (when freshly made) to about 50%. Changing orientation of
the dishes from horizontal to vertical and avoiding disturbance of the larvae
(no diet change) until they reached the desired size likely also contributed to
improved survival compared with diets tested before those presented here (see
supplemental tables). Addition of a second layer of fresh diet at 5 weeks appeared
to improve success compared with provision of a thicker layer of diet for the
duration of the larval stage. Adults grown on Diet 3 mate and lay viable eggs,
and at the time of submission of this paper, the sixth continuous generation of
larvae is completing development on it. Further improvement in the diet may
be possible, and improved pupal holding methods are needed to prevent death
of prepupae and pupae possibly tied to incomplete ecdysis.
Development of emerald ash borer larvae in Fraxinus spp. both in the United
States and China varies from univoltine to two-year life cycles. This variation
was tied to latitude in China, where larvae require two years in the north and
only one year in the south to complete development (Zhao et al. 2005, Wie et al.
2007). In the United States, host condition was shown to influence the beetle’s
development rate; interruption of phloem transport due to girdling or high gallery
densities resulted in faster larval development (Tluczek et al. 2011). Total duration of the larval stage averaged 300 days in ash in China, and time to reach the
fourth instar averaged 40 days (Wang et al. 2005). When larvae were reared in
tropical ash bolts held at 25 °C for production of parasitoids, 50% of the larvae

1

1.66 ± 0.07c
(14)

1.75 ± 0.14c
(4)

0.86 ± 0.08ef
(3)

7

F 16, 333 = 3.75; P < 0.0001

F 16, 385 = 4.20; P < 0.0001

2

27.8 ± 1.0a
(38)

29.2 ± 1.5a
(34)

27.3 ± 1.4a
(42)

25.2 ± 1.5a
(30)

22.9 ± 1.1a
(21)

29.7 ± 1.3ab
(6)

22.2 ± 1.7abc
(1)

4

15.5 ± 1.5bc
(2)

10.0 ± 1.3bc
(6)

13.2 ± 1.3bc
(4)

87.8 ± 1.1a
(38)

98.3 ± 1.1a
(34)

70.7 ± 1.1a
(42)

11.8 ± 1.2bc 50.0 ± 1.1ab
(14)
(27)

16.6 ± 1.8bc 37.9 ± 1.1ab
(17)
(21)

7.2 ± 1.1bc
(24)

6.7 ± 1.2bc
(12)

3

F 10, 227 = 3.55; P = 0.0002

F 2, 10 = 70.58; P < 0.0001

F 8, 227 = 4.13; P = 0.0001

1.5 cd
(1)

6.2 bcd
(1)

20.7 ± 1.9abc 3.7 ± 1.3cd
(9)
(5)

15.2 ± 2.7abc 2.2 ± 1.2cd
(2)
(8)

17.4 abc
(1)

4

Larval Weight (mg) by Instar a

Means followed by different letters within a parameter were significantly different when analyzed by PROC GIMMIX (SAS Institute 2006) followed
by Tukey-Kramer Least Squares Mean test with α = 0.05. Larvae were weighed only if they were undamaged and exceeded 1 mg.
a
Instars were assigned according to Wang et al. (2005).
b
Numbers in parentheses indicate number of larvae.

Week*
Instar:

F 9, 38 = 4.59; P = 0.0004
F 3, 333 = 111.22; P < 0.0001

16.6 ± 2.2abc
(3)

14.4 ± 1.3bc
(7)

F 9, 385 = 4.26; P < 0.0001

4.3 de
(1)

12.5 ± 1.5bc
(4)

15.1 ± 1.2bc
(14)

15.4 ± 0.8abc
(18)

12.0 ± 0.8c
(27)

11.9 ± 0.8c
(23)

11.0 ± 0.9c
(7)

7.7 dc
(1)

3

F 3, 16 = 135.71; P < 0.0001

3.02 ± 0.12a
(38)

3.11 ± 0.13a
(34)

5.0 ± 0.7de
(3)

8.8 ± 1.4cd
(2)

7.2 ± 0.6cd
(9)

7.0 ± 0.5d
(22)

6.2 ± 0.2d
(37)

5.5 ± 0.3d
(27)

2
3.9 ± 0.3de
(15)

Week:

2.03 ± 0.19bc
(3)

1.68 ± 0.10c
(7)

2.32 ± 0.11bc
(21)

2.35 ± 0.14abc
(9)

3.4 de
(1)

2.4 ± 0.4e
(2)

3.4 ± 0.2de
(11)

1
3.1 ± 0.1e
(40)

Body Length (mm) by Instar a

Instar:

10

9

0.55 fg
(1)

2.81 ± 0.11ab
(42)

1.80 ± 0.07c
(18)

0.98 ± 0.12def
(2)

6

8

2.77 ± 0.12abc
(30)

1.53 ± 0.05cd
(27)

1.01 ± 0.06def
(9)

5

2.36 ± 0.28abc
(2)

1.52 ± 0.05cd
(23)

0.97 ± 0.05ef
(22)

0.54 fg
(1)

4

1.33 ± 0.08cd
(7)

0.88 ± 0.04ef
(37)

0.40 ± 0.04g
(2)

3

2.33 abc
(1)

4

0.41 ± 0.02g
(11)

1.30 cde
(1)

3

2

0.70 ± 0.03f
(27)

2

0.65 ± 0.03f
(15)

1

0.44 ± 0.01g
(40)b

Week

Prothorax Width (mm) by Instar a

Table 4
Experiment 3: Size and weight parameters (mean + SE) by instar of Agrilus planipennis larvae reared for various numbers of weeks in Diet 3.
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Figure 3. Experiment 3: Distribution of Agrilus planipennis fourth instar larval lengths
reared in Diet 3.

were in the fourth instar by day 39 (Duan et al. 2013a). On Diet 3 at 25 °C, >70%
of the larvae were in the fourth instar by week 6 (42 days) and the average time
to pupation was 175 days (which included 84 days of chill at 10° C). Thus total
larval development time on the artificial diet is significantly reduced over that
in live ash trees even though time to the fourth instar is comparable to that in
ash phloem (either living trees or cut bolts). In addition, larval dimensions for
each instar reared on Diet 3 are comparable to those obtained for larvae grown
in ash phloem, and the bimodal length distribution in the fourth instar, shown
to result from differences between the sexes (Cappaert et al. 2005, Wang et al.
2005), is also present in diet-reared larvae.
Antimicrobial compounds are often incorporated into artificial diets for
insects despite detrimental effects on many insect species, such as slowed larval
development, increased mortality (particularly of embryos, which are the most
sensitive stage), and wing deformation (Singh and Bucher 1971, Dunkel and Read
1991, Cohen 2004). Thus, a concentration of antimicrobials sufficient to control
microbial contaminants while minimizing adverse effects on the insect is a delicate balance, complicated by variable sensitivity to antimicrobials among species
(Cohen 2004). The effectiveness of antimicrobials used in the emerald ash borer
diets is probably also strongly affected by the pH of the diet, as antimicrobials are
more effective at lower pH and almost completely ineffective at pH 7.0 and above
(Cohen 2004). The reported effective levels of methyl paraben, sorbic acid, and
sodium propionate are 1000, 800, and 800 ppm, respectively (Cohen 2004). The
levels of these antimicrobials in emerald ash borer Diet 3 (600 ppm for each) are
all lower than the effective rate, so extra care was taken to minimize microbial
contamination. Emerald ash borer appears to be very sensitive to the antimicrobials in the diet, possibly due to negative impacts they may have on their identified
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digestive symbionts (Vasanthakumor et al. 2008). In addition, when the pH of
the diet was artificially increased with the addition of more sodium bicarbonate
(Diet 4) a marked (although not significant) improvement occurred in survival
on the 6 mm diet, but loss due to fungal contamination also increased dramatically, although it often did not kill the larva. This suggests further reduction of
antimicrobial compounds or replacement with compounds better tolerated by the
larvae or their symbionts could improve survival on the emerald ash borer diet.
Comparison of the composition of an earlier diet formulation to ash phloem
indicated the diet formulation had significantly more protein than the phloem.
Chen et al. (2011) found reducing protein by either eliminating yeast or casein
from emerald ash borer diet reduced mortality. In addition, eliminating yeast
was found to increase biomass (Chen et al. 2011), while other insects became
stressed if the protein content of their diet was too high (Cohen 2004). The protein
sources in the initial emerald ash borer diet were wheat germ, casein, and brewer’s
yeast. Earlier experiments (supplemental tables) showed eliminating only one
of the protein components was not sufficient to improve larval survival and that
wheat germ either acts as a source of diet contamination or encourages fungal
growth, suggesting its elimination could reduce loss due to microbes. Experiment 1 showed that a diet without yeast where the wheat germ is replaced with
soy flour (and some potato starch to compensate for the loss of carbohydrates),
which is 50% protein but higher in potassium, vitamin A, fats, and essential
amino acids (Cohen 2004), improved larval survival and development over the
previous diets (supplemental tables). These reductions in number and changes
in protein sources (the only sources of iron in the diet) also lowered iron content
of the diet, which was initially higher than in green ash phloem, and may have
helped improve larval performance. Higher iron content in the diet of Asian
longhorned beetle, A. glabripennis, was shown to slow larval development and
reduce pupation (Keena 2005). Emerald ash borer may also be sensitive to iron
levels in the diet but further testing is necessary to confirm this.
In previous studies by Chen et al. (2011), the amount of water incorporated
into emerald ash borer diet (moisture content of prepared diet was not measured)
was shown to affect larval weight and survival. Excess or insufficient water in
emerald ash borer diet increased mortality, and larval biomass increased with
water content (Chen et al. 2011). Larvae of Capnodis, another buprestid, require
higher moisture content in the diet when first hatched (60–62% moisture) than
later instars (Gindin et al. 2009). Water content of phloem of different ash species
ranges from 44 to 52% (Hill et al. 2012) while water content of emerald ash borer
diet reported here was about 60% before drying. Emerald ash borer neonates
placed on diet containing 60% moisture died quickly, possibly from drowning. A
gradient of diet moisture was likely created when the diet was dried, with the
least moisture in the outer surfaces and the most in the center. This allowed
larvae to choose the moisture level most favorable to them. Most larvae tunneled
into the diet, which appeared to reduce the risk of mortality of small larvae from
being trapped in air pockets outside the diet. In Experiment 2, although the only
significant difference in diets varying in moisture was time to pupation, larvae
grown on diet containing more moisture tended to be heavier, while the most
survived to adult on the diet with intermediate (51%) moisture. We conclude
that diets with moisture content close to 50% provide the best environment for
emerald ash borer larvae and hold their moisture long enough in the dishes for
larvae to complete development. Water retention in the diet is important because
it obviates the need to replace diet during the larval stage; in cases where diet
needed to be changed, more than 30% of the larvae had difficulty reestablishing.
Orientation of diet dishes and stage at infestation were also critical to
survival and development of the larvae. Because emerald ash borer larvae are
adapted to move along a vertical plane under ash bark, primarily tunneling
downward in healthy trees (Chen et al. 2011), orienting the dishes vertically
instead of horizontally, as shown in prior experiments, allowed the larvae to move
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and feed along a natural plane. In horizontal Petri dishes the larvae, especially
the younger instars, often tunneled downward and died after initiating a tunnel into the plastic bottom. Larger larvae appeared to more readily discern the
surface of the Petri dish and turned to avoid it. When dishes were held in the
vertical position, larval and egg infestation techniques were equally successful.
Egg infestation was less time-consuming but more prone to problems. If the
paper substrate holding the egg wicked moisture from the diet or was dislodged
and brought the egg into contact with the diet, the embryo often failed to hatch,
possibly due to drowning or adverse effects of the antimicrobials in the diet.
Emerald ash borer eggs are resistant to desiccation (Rigsby et al. 2013), which
could make them less able to eliminate excess absorbed moisture from the diet.
Also, if the paper became lodged between the dish and the diet, the egg was often
damaged or the larva dropped into an air pocket and died. The legless larvae
appeared to lose traction when outside a solid substrate. Larval infestation
presented its own problems. Larvae were crushed if diet crumbs placed over
them were too compacted when the lid was put on. Larvae were less likely to
tunnel into the plastic and die when placed in the diet with the head facing the
side of the dish rather than the bottom or top. The notch in the diet became a
repository for frass and was often used by larger larvae as a molting chamber.
Similar chambers may have improved rearing of larger Capnodis larvae, which
require rearing on crumbled rather than solid diet (Gindin et al. 2009).
An artificial diet and individual rearing system was developed that can
be used as a basis in studies requiring standardized, replicable rearing media
without the added effort and variability imposed by the need for host material.
The best-performing emerald ash borer diet from this study is being used to
test effects of ash allelochemicals on emerald ash borer larvae in ongoing studies aiming to understand mechanisms of ash resistance to emerald ash borer
(Cipollini et al. 2011, Whitehill et al. 2014). In the near future, the possibility
of using the diet to evaluate resistant ash breeding stock developed by Koch
et al. (2012) will be tested by incorporating bark/phloem from the trees into
the diet and monitoring emerald ash borer larval survival. A rearing system
incorporating this diet can provide larvae of relatively uniform age and size
not only for mass production but also for pesticide and other bioassays. The
standard diet and rearing system will also facilitate studies to determine the
effects of temperature on larval development and development of a phenology
model to predict when each stage will be present and how fast populations will
increase. Currently, a laboratory strain is being developed to provide a predictable year round supply of emerald ash borer while the rearing methods are
being improved. Lastly, the artificial diet presented here provides some hope
for the development of a mass production system for the emerald ash borer and
its biological control agents.
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Supplemental Table 1. Agrilus planipennis diets tested before those detailed in this
paper. Pre-mixed groups of ingredients (in grams) are presented in sequence of addition during diet preparation (see text for details).
Ingredient

Dry Mix #1

Starting Base

(vendor, item #)

Diet Trial 1
A*

B

C

D

5,000

5,000

5,000

5,000

220

220

220

220

5

5

5

5

Casein (Americancasein.com, AC-130)

190

95

48

Sucrose (table sugar)

315

315

315

315

Wesson salt mix without Fe (testdiet.com,
25671)

56

56

56

56

Sorbic acid
(insectrearing.com, 6967)

10

10

10

10

Sodium propionate (sigmaaldrich.com, P1880)

10

10

10

10

Methyl paraben (insectrearing.com, 7685)

5

5

5

5

630

473

315

158

Brewer’s yeast (insectrearing.com, 1700)

225

180

135

90

Cholesterol (insectrearing.com, 5180)

19

19

19

19

Wheat germ oil (insectrearing.com, G5960)

24

30

36

42

Choline chloride (insectrearing.com, 6105)

4

4

4

4

Vitamin A acetate beadlets (ZMC-USA.com,
325 CWS/GFB)

5

5

5

5

Vitamin mix (insectrearing.com, F8128)

71

71

71

71

1,625

1,916

2,160

2,404

Distilled water
Agar Gracilaria species (mooragar.com,
41005)
Sodium bicarbonate
(household baking soda)

Calcium propionate (sigmaaldrich.com, 18104)

Vitamins and Fiber

Wet Mix

Dry Mix #2

Potato starch (nuts.com)
Wheat germ (insectrearing.com, 1659)
Soybean flour (insectrearing.com, 1500)

Cellulose
(insectrearing.com, 3425)

Vendor website and product number are provided in parentheses after each ingredient.
*Best diets available in each trial against which others were compared.
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Supplemental Table 1. Continued.

Diet Trial 2

Diet Trial 3

Diet Trial 4

E*

F

G

H

I*

J

K

L

M

N*

O

P

5,000

5,000

5,000

5,000

5,000

5,000

5,000

5,000

5,000

5,000

5,000

5,000

175

175

175

175

220

220

220

220

220

220

220

220

5

5

5

5

5

5

5

5

5

5

5

5

190

190

190

190

200

200

200

200

200

200

200

315

315

315

315

300

300

300

300

300

300

300

300

56

56

56

56

50

50

50

50

45

45

45

45

10

10

10

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

5

3

3

3

3

500

450

200

500

500

750

500

250

450

450

450

450

450

10

10

5

10
5

5

630

630

630

630

500

225

225

225

225

450

450

19

19

19

19

19

19

19

19

19

19

19

19

24

24

24

24

24

24

24

24

24

24

24

24

4

4

4

4

4

4

4

4

4

4

4

4

5

5

5

5

5

5

5

5

5

5

5

5

71

71

71

71

71

71

71

71

71

71

71

71

1,625

1,625

1,625

1,625

1,500

1,500

1,500

1,500

1,500

1,500

1,500

1,500

Diet Trial

2

1

37.2

121

H

71.0

125

F

65.0

67.5

124

E

128

48.3

92

D

4.3

5.5

13.0

9.4

2.0

0.0

2.0

6.4

% Survival
at 70 d

0.0

0.0

6.0

0.0

0.0

0.0

0.0

0.0

% Pupation

0.0

0.0

6.0

0.0

0.0

0.0

0.0

0.0

% Adults

Egg
failed to
hatch
6

15

9

12

0

0

0

0

Microbes
on diet
4

0

4

0

0

0

0

0

Human
error
6

18

22

23

19

22

21

19

11

3

5

4

0

0

2

2

0

0

0

0

0

0

0

0

78%
larvae
and 12%
eggs

100%
larvae

Diet
Infest
Stage

Horizontal

Horizontal

Orientation
of diet
dishes

51

44

Average %
Moisture
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G

50.3

44.0

91

B

92

45.7

94

A

C

% Survival
at 21 d

Diet formulation

n

Trapped
in plastic

Number of individuals
withdrawn
from study and reason

Mites

Supplemental Table 2.
Survival and development of Agrilus planipennis on diet formulations in earlier diet trials (diet compositions are given in supplemental
Table 1).
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Diet Trial

89.9

64

P

78.0

64

N

81.1

80.2

64

M

62

81.9

114

L

O

83.4

111

90.0

114

J

K

89.3

117

I

33.2

5.0

53.0

56.6

28.2

25.3

16.0

25.8

% Survival
at 70 d

19.0

5.0

20.0

42.4

24.2

12.7

12.0

17.2

% Pupation

9.5

5.0

13.0

14.1

16.1

10.1

8.0

17.2

% Adults

Egg failed
to hatch
26

27

27

27

33

27

27

29

Microbes
on diet
2

2

9

13

12

12

12

19

5

4

3

2

21

11

15

19

5

2

2

3

1

4

7

11

Mites
0

0

0

0

0

0

0

0

2% larvae
and 98%
eggs

36%
larvae
and 64%
eggs

Diet
Infest
Stage

Vertical

Vertical

Orientation
of diet
dishes

44

40

Average %
Moisture
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Trial 1: Comparison of four levels of protein.
Trial 2: Comparison of different combinations of antimicrobial ingredients and 20% reduction in agar content.
Trial 3: Comparison of different combinations of protein sources; excluded protein sources were replaced with an equal weight of potato starch;
sodium propionate was replaced with calcium propionate to reduce sodium content and harden the agar gel; the antimicrobials sorbic acid and
calcium propionate were reduced in weight by 50%; and amounts of cellulose, casein, salt mix, and wheat germ were lowered if present.
Trial 4: Comparison of four levels of wheat germ and lower levels of methyl paraben and salt mix.
Low diet moisture contents in trials 1, 2, and 4 may have contributed to low survival.

4

3

% Survival
at 21 d

Diet formulation

n

Human
error

Number of individuals
withdrawn
from study and reason
Trapped
in plastic

Supplemental Table 2. Continued.
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Nocturnal Flight Periodicity of the Caddisflies (Trichoptera)
in Forest and Meadow Habitats of a First Order
Michigan Stream
Kiralyn Brakel1, Lydia R. Wassink1, and David C. Houghton1*

Abstract
Using ultraviolet light traps, over 5000 caddisfly specimens were collected
from a forest and a meadow habitat of Fairbanks Creek in northern Lower
Michigan. Samples were collected every 15 minutes, interspersed with 15 minutes of no sampling, from sunset to sunrise during 5 nights from late June to
mid-July 2014. Despite having fundamentally different caddisfly assemblages
dominated by different species, mean specimen abundance and mean species
richness in both habitats exhibited similar trends: peaking between 22:30 and
23:00, decreasing until 02:00 or 02:30, increasing again slightly during the later
morning periods, and then decreasing to near zero by 06:00. On average, >90%
of species from the forest site were caught by 00:00 and 100% by 02:00, whereas
meadow site richness didn’t reach 90% until 01:00 and 100% until 05:00. Species
richness per night correlated strongly with dew point for both sites, reflecting
consistently warm temperatures throughout the sampling period. Our results
suggest that caddisfly flight is controlled by both innate behavior and environmental factors like temperature, and that sampling should continue late into
the night to maximize capture, especially in open-canopied areas.
____________________

Due to the importance of caddisflies in aquatic ecosystems (Mackay and
Wiggins 1979) and their utility in biological water quality monitoring (Barbour
et al. 1999, Dohet 2002, Houghton et al. 2011a, Houghton and Wasson 2013),
it is imperative that field samples accurately represent caddisfly populations.
Studies of adult caddisflies typically rely on ultraviolet light traps to obtain such
samples. In this method, a portable light is set over a white pan filled with ethanol, placed near a sampling site at dusk, and retrieved a few hours later. While
light traps are not assumed to be exhaustive collecting devices, standardizing
the time of collection, wattage of the light source, and size of the collecting pan
yields quantitative samples of nocturnally active caddisfly adults and allows for
comparisons between sites (Nakano and Tanida 1999, Houghton 2004).
As adult caddisflies become increasingly important in biological monitoring, the importance of sampling them representatively and efficiently has also
increased—for example, how long should traps be deployed and under what
weather conditions in order for samples to be comparable to each other? There
have been several studies addressing the effects of air temperature, wind speed,
precipitation, humidity, and vegetation density on caddisfly abundance and
composition in light trap samples (Resh et al. 1975;, Anderson 1978; Usis and
MacLean 1986; Waringer 1989, 1991; Collier and Smith 1998; Houghton and
Stewart 1998; Anderson and Vondracek 1999). Seasonal flight periodicity of
caddisflies has also been addressed in various climates (Moulton and Stewart
1996, Houghton and Stewart 1998, Smith et al. 2002, Houghton 2012).
Department of Biology, Hillsdale College, 33 East College Street, Hillsdale, MI 49242.
*Corresponding author: (e-mail: david.houghton@hillsdale.edu).
1

2015

THE GREAT LAKES ENTOMOLOGIST

35

In contrast, only Wright et al.’s (2013) study of the Manistee River, a 40m
wide river in northern Lower Michigan, explored the specific nocturnal flight
periodicity of an assemblage of caddisflies. The authors found that specimen
abundance peaked 1 h after sunset and decreased precipitously afterward. Species richness, however, continued to increase for 0.5 h after specimen abundance
decreased, before decreasing gradually over 1 h.
Since Wright et al.’s study was done on a large river, we were curious if
specimens from a small stream would exhibit similar or different flight patterns. The question is an important one, since small Michigan streams have
fundamentally different caddisfly species assemblages than do large rivers
(Houghton et al. 2011b). Thus, the primary objective of our study was to test
the nocturnal adult caddisfly flight periodicity of a small stream. Further, we
looked at both a meadow habitat and a forest habitat of this small stream to
test potential differences in canopy cover on flight periodicity.
Materials and Methods
Fairbanks Creek is a first-order stream (Strahler 1964) located in the
northwestern portion of the Lower Peninsula of Michigan. A detailed description of this site can be found in Houghton and Wasson (2013). The stream has
both forested and meadow habitats within 0.5 km of length (Fig. 1), offering a
unique opportunity to test different habitats within an otherwise undisturbed
watershed. In our case, the meadow site (N 44.04715°, W 85.67290°) was ~100m
upstream of the forest site (N 44.04615°, W 85.67383°).
Caddisflies were collected using 8-watt portable ultraviolet lights (www.
bioquip.com) placed over 24 × 30 cm white plastic pans filled with ~80% ethanol.
The device was placed ~1 m from the stream edge. Samples were collected every
half hour from 21:30 to 06:00. Lights at both sites were turned on simultaneously
and left on for 15 minutes, followed by 15 minutes with the lights off to allow dispersal. Sampling occurred during 5 nights from late June to mid-July 2014, the
peak period for adult caddisfly flight in northern Lower Michigan (Houghton et al.
2011b). Sampling only occurred on evenings with daytime temperature >22°C, dusk
temperature >15°C, and night time low temperature >10°C (Table 1) (Houghton
2004). Sampling did not occur if there was any noticeable wind or precipitation,
or precipitation 2 h prior to sampling. Sampling ended after the 02:00 and 04:00
samples respectively on 2 nights due to the onset of precipitation (Table 1).
Collected specimens were all identified to the species level except for
females of Hydroptila (n = 2), Orthotrichia (n = 3), and Oxyethira (n = 1) which
lack reliable species-level characteristics. In all 3 cases, multiple congeners
are known from these sites, precluding any confidence in identification. Such
specimens were counted in our specimen tally but not in the species tally. All
identified specimens are maintained in the Hillsdale College Insect Collection.
Mean species richness and mean specimen abundance were determined
from specimen data at both sites and analyzed with 1-way Analysis of Variance with post-hoc Tukey test to determine the peak emergence periods at each
site. Mean species accumulation curves were also computed for each site from
these data. The total number of species caught per date by the 2:00 sample
(the last sample common to all sampling dates) was correlated with daily high
temperature and dew point determined for the nearby town of Luther (www.
wunderground.com), and also with dusk temperature and nightly low temperature measured at a single point equidistant from both sampling sites. Sites
and time periods were examined for patterns in their caddisfly assemblages
with detrended correspondence analysis (DCA) using the program PC-ORD v.
5 for Windows® (McCune and Medford 2006). The analysis was performed on
a two-dimensional data matrix of each individual time period for each site by
mean specimen abundance for each species caught.
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Figure 1. Photographs of the forest site (A) and meadow site (B) of Fairbanks Creek
sampled during this study.
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Table 1. Summary data for the 5 sampling nights. HT: high temperature, DP: dew
point (www.wunderground.com), DT: dusk temperature, LT: low temperature (measured at single point equidistant between sampling sites). #sppFS and #sppMS:
number of species caught at the forest site and meadow site respectively through the
2:00 sample. Sampling was stopped after the 2:00 sample on 29–30 June and after the
4:00 sample on 6–7 July due to precipitation. Thus, no low temperature was recorded
on those dates.
Date
28–29 Jun
29–30 Jun
05–06 Jul
06–07 Jul
11–12 Jul

Sunset

HT(°C)

DT(°C)

LT(°C)

DP(°C)

#sppFS

# sppMS

21:30
21:30
21:29
21:28
21:26

29
26
24
23
26

21
23
18
21
20

20
N/A
13
N/A
14

18
20
10
17
13

36
39
25
32
30

45
52
31
39
32

Results
Peak specimen abundance occurred at 22:30 in the meadow habitat, and
at 22:30 and 23:00 in the forest habitat. Peak species richness occurred at 22:30
and 23:00 in both habitats. Both species richness and specimen abundance
decreased from their peaks until either 02:00 or 02:30, increased slightly during the later morning periods, and then decreased to near zero by 06:00 (Fig.
2). Both species richness and specimen abundance were higher in the meadow
habitat than the forest habitat for every time period except 21:30 and 22:00.
Mean species accumulation curves appeared similar for both habitats
except that the forest site had a steeper curve, reaching 90% of its total nightly
capture by 00:00 and 100% by 02:00. The meadow site, in contrast, didn’t reach
90% until 01:00 and 100% until 05:00 (Fig. 3). Overall species richness through
completion of the 02:00 sample correlated strongly with dew point for both the
meadow (R2 = 0.87, P < 0.01) and forest (R2 = 0.79, P < 0.01) sites, but not with
high temperature, low temperature, or dusk temperature (R2 < 0.50 for all). A
total of 5230 specimens were collected, representing 71 species from the meadow
habitat and 60 from the forest habitat.
DCA ordination of the mean specimen abundance for each species caught
at each site and time period suggested that the meadow and forest habitats
constituted two distinct assemblages. Except at 21:30, there was virtually no
overlap between the samples from the two sites (Fig. 4). Likewise, the 5 most
abundant species at the meadow site were completely different than those of
the forest site (Fig. 5).
Discussion
Caddisfly flight periodicity is likely controlled by a combination of innate
behavior and environmental factors, most notably temperature. That is, species
will be active for a predetermined period of time if temperature is appropriate.
Low dusk temperature in particular has previously been determined to be a
significant factor affecting specimen abundance, species richness, and sex ratios
in light trap samples (Resh et al. 1975, Anderson 1978, Usis and MacLean 1986,
Waringer 1989, Anderson and Vondracek 1999, Wright et al. 2013). Specifically,
dusk temperatures <10 °C (Anderson 1978) or <8 °C (Waringer 1991) lowered
caddisfly specimen abundance and species richness. Temperature, however,
likely only modifies an existing behavior. Jackson and Resh (1991) determined
circadian rhythms in the attraction to pheromones of three caddisfly species,
and found that environmental factors influenced the amount of flight activity
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Figure 2. Mean (+SE) number of specimens (A) and species (B) collected from the
meadow and forest habitats of Fairbanks Creek at the various time intervals. Asterisks denote significantly highest means for the meadow site and Xs denote highest
means for the forest site (1-way Analysis of Variance with post-hoc Tukey test, P <
0.01 for all). Other groups of time intervals not marked due to the substantial overlap
between them. Sample size was 5 through the 2:00 sample, 4 through the 4:00 sample,
and 3 through the 6:00 sample.
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Figure 3. Mean accumulated percentage of total species collected from the meadow
and forest habitats of Fairbanks Creek based on accumulated time periods and corresponding samples. Error bars omitted for clarity. Sample size was 5 through the 2:00
sample, 4 through the 4:00 sample, and 3 through the 6:00 sample.

but not the fundamental flight periodicity. Wright et al.’s (2013) study on the
flight periodicity of 18 caddisflies on the Manistee River found that each species
maintained a consistent flight pattern on each evening, except that warmer
nights yielded a greater specimen abundance.
We sampled only during nights with dusk temperature ≥18°C, considerably
warmer than the established 8–10°C low dusk temperature threshold. Even
our low temperatures during morning sampling periods were ≥13°C (Table 1).
Even within our warm range, however, caddisfly flight periodicity appeared related to temperature. Our positive correlation of both specimen abundance and
species richness with dew point reflected nights when temperatures remained
fairly constant, allowing for large collections throughout the sampling periods.
In contrast, low dew point evenings began warm but dropped in temperature
more quickly, leading to lower abundances. Thus, species richness did not correlate to daytime high, low, or dusk temperature.
The meadow and forest habitats of our study both exhibited the same basic
patterns in their nocturnal species richness and specimen abundance, despite
composing fundamentally different species assemblages. Although the two
sites are only separated by ~100m, the abrupt changes in canopy cover (Fig. 1)
promotes an assemblage dominated by shredder species in the forest site, and
one dominated by filtering collector species in the meadow site (Houghton and
Wasson 2013). A similar result was found in our study, as the 5 most abundant
species in the meadow site were filtering collectors and the 5 most abundant
species of the forest site were shredders (Fig. 4). The top 10 most abundant
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Figure 4. Detrended correspondence analysis ordination of time periods for the
meadow and forest habitats based on mean specimen abundance for each species
caught during each time period. Sample size was 5 through the 2:00 sample, 4 through
the 4:00 sample, and 3 through the 6:00 sample.

species in Wright et al.’s (2013) study of the 40m wide Manistee River had no
overlap with either assemblages of our study, yet exhibited the same peaks in
species richness and specimen abundance. Resh et al. (1975) also found that
peak caddisfly flight activity occurred within the first 3 hours after sunset in a
Kentucky stream. Thus, the general flight periodicity pattern probably applies
to different species assemblages in different habitat types.
Despite a similar basic pattern, there were some subtle differences between
the flight periodicities of our two assemblages. The higher abundance of specimens
at the forest site during the early sampling periods was due to the presence of
Protoptila tenebrosa (Walker) (Glossosomatidae), which was more abundant at
the forest site than the meadow site, and flew almost entirely during the early
periods. The higher specimen abundance at the meadow site during the other
sampling periods was a little enigmatic. These 2 assemblages have been studied
extensively for several years using ultraviolet light traps set out for 1 h after
dusk (Houghton and Wasson 2013 and additional unpublished data). The total
number of caddisfly species known from the forest site is actually higher than
that of the meadow site. It is possible that the open canopy of the meadow site
may have allowed our ultraviolet lights to attract specimens from a greater distance throughout the night than at the forest site. This hypothesis is supported
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Figure 5. The 5 most abundant species caught from the meadow and forest habitats
of Fairbanks Creek during all time intervals throughout our study, expressed as the
mean (+SE) percentage of specimens from a species’ respective site.

by the accumulated species curves of the two populations. That the number of
total species caught from the meadow site habitat continued to increase several
hours after the forest site had reached maximum species richness suggests that
additional species were being drawn to the light throughout the night, perhaps
from a greater distance.
Our secondary peaks in species richness and specimen abundance have
not been previously documented in caddisflies. It is possible that these peaks
were spurious due to our small sample size after 02:00 when the peaks occurred. Thus, our result should be treated as tentative. There was, however,
no significant difference in the overall standard error values for species (P =
0.29) or specimens (P = 0.20) between samples caught before 02:00 and those
after 02:00 (Two-sample T-test). This result suggests that, despite the smaller
sample size, the later samples were not unduly influenced by outlier samples
relative to the earlier samples (Zar 2010).
Bimodal flight peaks have been frequently observed in the Lepidoptera.
For example, Helicoverpa armigera (Hübner) peaked in flight activity 15 minutes
after sunset, declined, and then increased slightly during the second half of the
night. The second peak was attributed to males in search of mates (Riley et
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al. 1992). Lingren et al. (1977) observed four moth species, two of which had
mating periods that occurred between 22:00 and 04:00, thus increasing in flight
activity during that time. Several other studies (summarized in Fullard and
Napoleone 2001) have noted a general increase in adult moth abundance within
1–4 hours before sunrise.
Due to their demonstration in the Lepidoptera and their occurrence in the
two habitats of our study, we suspect that bimodal flight peaks may be common
in caddisfly populations. Previous studies may have missed the second peak
by not sampling throughout the night. It not clear why Wright et al.’s (2013)
study did not document a second peak, although their large river caddisfly
assemblage—which had very few species in common with our 2 small stream
assemblages and was dominated (77% of total specimens) by 3 species—may
exhibit a different flight behavior due to the different individual species involved.
Differences in flight periods likely relate to mating and other adult behaviors,
and need substantial further study.
Our data suggest that ultraviolet light sampling may need to be employed
for a longer period of time throughout the night than logic would indicate. For
example, sampling until the point of decreasing specimen abundance (23:00)
would have missed ~25% of the total species richness from both of our study
sites. Sampling for 2 hours after sunset, which is a common time period in the
literature (Nakano and Tanida 1999, Houghton 2004), would have missed 12%
of the species richness of the forest site and nearly 20% of the species richness
of the meadow site.
Thus, the ideal time period to sample adult caddisflies will depend on
whether or not exhaustive sampling is needed. For biological monitoring studies, exhaustive sampling may not be necessary as long as samples accurately
reflect the overall population (e.g., Cao and Hawkins 2011), although our data
suggest that non-exhaustive samples should be of similar time interval. For
faunistic studies, where an exhaustive sampling of species is the goal, it would
be prudent to sample later into the night. In the case of stream sites with an
open canopy, additional species may well be collected almost until sunrise.
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Comparison of Different Trap Colors and Types for Capturing
Adult Agrilus (Coleoptera: Buprestidae) and Other Buprestids
Toby R. Petrice1 and Robert A. Haack1

Abstract
Numerous research studies have focused on the development of effective
traps for surveying and monitoring for emerald ash borer, Agrilus planipennis
(Fairmaire) (Coleoptera: Buprestidae), since it was discovered in North America.
However, little attention has been placed on developing effective traps for
monitoring and surveying other Agrilus and Buprestidae. In 2009–2011, we
conducted several studies to test the attractiveness of different trap colors and
types of sticky traps to Agrilus and other Buprestidae. We found green (peak
reflectance: 530–536 nm, 57.6%) sticky traps that consisted of custom colored
corrugated plastic, and were coated with insect trapping glue to be the most
effective traps for capturing the most Agrilus individuals and species. These
same green traps were also effective at capturing other buprestid genera, with
the exception of Chrysobothris which were most attracted to purple sticky
traps. In 2012, we conducted a study to compare the three most effective sticky
traps from our 2009–2011 studies along with black and green (530 nm, 57%
reflectance) multifunnel traps for capturing Agrilus and other Buprestidae.
Overall, we found Coroplast™ green sticky traps to be the most effective traps
for capturing the most Agrilus individuals. Green multifunnel traps captured
more buprestids compared to black multifunnel traps. In addition, green multifunnel traps captured the most Agrilus species. .
____________________

Since the discovery of emerald ash borer, Agrilus planipennis (Fairmaire)
(Coleoptera: Buprestidae), in North America (Haack et al. 2002), numerous research studies have focused on the development of effective traps for surveying
and monitoring this non-native species. A study by Oliver et al. (2003) found
many buprestid species were attracted to colors in the violet range (400-420
nm). This finding led researchers to test attraction of A. planipennis to traps
of different colors (Francese et al. 2005). Electroretinogram studies showed
that A. planipennis adults responded strongly to colors in the violet and green
spectrum, and field studies confirmed that A. planipennis was attracted to
purple and green traps (Crook et al. 2009, Francese et al. 2010). Subsequent
studies tested traps produced in different shades of purple and green, as well
as different trap shapes, trap types, and the additive effect of using dead adults
as decoys on the traps (Francese et al. 2011, Francese et al. 2013b, Francese et
al. 2013a, Petrice et al. 2013, Poland and McCullough 2014).
The family Buprestidae contains over 15,000 species worldwide, most of
which are woodborers or leafminers (Bellamy 2008). This family includes numerous economically important pests, especially those in the genus Agrilus. However,
with the exception of A. planipennis, little attention has been placed on developing
effective traps for monitoring and surveying programs (Domingue and Baker 2012).
In addition to the study by Oliver et al. (2003) mentioned above, only a few other
researchers have reported that species of Buprestidae were attracted to specific
USDA Forest Service, Northern Research Station, 3101 Technology Blvd., Suite F.,
Lansing, MI 48910.
1
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colors and other visual cues. Sakalian et al. (1993) found that most of the buprestid
species captured in their study, most of which are known to visit flowers, were more
attracted to yellow or white compared to black, blue, green, orange or red traps.
Gwynne and Rentz (1983) found that Julodimorpha bakewelli (White) males were
attracted to and attempted to copulate with a specific brand of glass beer bottle
that had a similar color and texture to the elytra of J. bakewelli females. Several
species of male Agrilus were attracted to dead Agrilus adults when used as decoys
and placed on host plants (Lelito et al. 2007, Domingue et al. 2011, Lelito et al.
2011). One species of Agrilus was attracted to the elytron of a similarly colored
Cicindelidae (Coleoptera) species (Lelito et al. 2011). Petrice et al. (2013) found
some species of Buprestidae were more attracted to green traps when compared to
purple, and that adding dead adults as decoys or using enlarged silhouettes of an
adult Agrilus attracted more of some buprestid species. Petrice and Haack (2014)
found that Agrilus sulcicollis Lacordaire females were most attracted to purple and
white sticky traps when compared to green and yellow traps, while males did not
show a specific attraction to any of the four colors tested. In contrast, Domingue
et al. (2013) found that A. sulcicollis adults, along with several other European
Agrilus species, in Hungary, were most attracted to small green sticky traps placed
horizontally on tree branches compared to purple or white traps. However, they
did not report which sexes were captured in their study.
In 2009–2011, we conducted several studies to test the attractiveness of
different trap colors and different types of sticky traps to Agrilus adults and
other Buprestidae. In 2012, we conducted a study to compare the three most
effective sticky traps from our earlier studies with two different colors of multifunnel traps for capturing Agrilus and other Buprestidae.
Material and Methods
Traps on ash (Fraxinus) for Agrilus subcinctus. In 2009, we tested
attraction of Agrilus subcinctus Gory, a borer native to North America, to different colored sticky traps. Adult A. subcinctus feed on ash foliage and oviposit on
dead ash twigs (Petrice et al. 2009). We tested green, purple, white, and yellow
sticky traps that were 7.6-cm-wide × 12.7-cm-tall (Fig. 1A). Green, purple and
white traps were constructed from corrugated plastic (Coroplast™, Inc., Vanceburg, KY). The green corrugated plastic (Coroplast™ green; peak reflectance:
530–536 nm, 57.6%) was custom created by Coroplast™, Inc., to match the color
that Crook et al. (2009) and Francese et al. (2010) found to be attractive to A.
planipennis. Both purple (Coroplast™ purple; peak reflectance: 433-437 nm,
26.7%) and white (Coroplast™ white; peak reflectance: 436-438 nm, 96%) were
stock colors manufactured by Coroplast™, Inc. Yellow (yellow sticky card; peak
reflectance: 561-572, 70.4%) traps were standard insect sticky traps commonly
used for trapping a variety of insects attracted to foliage (Olson Products, Inc.,
Medina, OH). A FieldSpec Pro full range spectrophotometer (Analytical Spectral
Devices, Inc., Boulder, CO) was used to measure spectral reflectance of each
color tested. Reflectance was measured approximately every 3 nm within the
visible and near-infrared portion of the spectrum (350-1000 nm; Fig. 2A).
One trap of each of the four colors was stapled to a 2.5 cm × 2.5 cm ×
50 cm wooden pole. Traps were randomly arranged on each pole with a 7.5
cm gap between each card. All traps were coated with Pestick™ insect glue
(Hummert International, Earth City, MO). Traps were placed in ash trees with
canopies that had been killed by emerald ash borer the previous 1–2 yr. As a
consequence, these trees had numerous live sprouts growing from their lower
trunks. Each pole (5 in total) was suspended horizontally from a dead limb just
above live sprouts with foliage that were growing along the trunk. Traps were
placed in the field near Webberville, Ingham County, MI (Lat 42.66°N, Long
84.20°W) on 15 May 2009. Agrilus subcinctus were removed from traps every
2 wks through 24 June 2009.
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Figure 1. A) Traps used for the 2009 Agrilus subcinctus (trap dimensions were smaller
than those pictured) and 2011 hybrid poplar and honeylocust trapping studies. From
left to right: Coroplast™ green, Coroplast™ purple, Coroplast™ white, and yellow
sticky card. B) Purple traps used for the 2011 purple and green trap comparison study.
From left to right: Alpha Scents purple sticky, Coroplast™ purple, and Coroplast™
purple with clear sticky sheet. C) Green traps used for the 2011 purple and green
trap comparison study. From left to right: three Alpha Scents dark green sticky traps
stapled together, Alpha Scents light green sticky, and Coroplast™ green traps. D-H)
traps used for 2012 trap comparison: D) Coroplast™ green; E) Sabic green; F) Corplast
purple; G) Green funnel; and H) black funnel.
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Figure 2. Reflectance spectra of A) Coroplast™ green, yellow sticky card, Coroplast™
purple, and Coroplast™ white sticky traps tested in the 2009 Agrilus subcinctus study
and the 2011 hybrid poplar and honeylocust studies; and B) Coroplast™ green, Coroplast™ purple, and Sabic green tested in 2012.
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Figure 3. Reflectance spectra of A) Alpha Scents light green, Alpha Scents dark green,
and Coroplast™ green; and B) Alpha Scents purple, Coroplast™ purple with clear
sticky film, and Coroplast™ purple with Pestick™ tested in the 2011 green and purple
color comparison study.
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Traps on hybrid poplars (Populus spp.). In 2011, we tested the attraction
of various buprestid species to different colored traps placed in a 16-yr-old, 1 ha,
hybrid poplar planting at Michigan State University Tree Research Center, Ingham
County, MI (Lat 42.67°N, Long 84.47°W). Bordering this planting was a 22-yr-old,
1 ha, planting of black locust, Robinia pseudoacacia L. We tested green, purple,
white, and yellow traps (the same trap materials used above for A. subcinctus)
that were 15-cm-wide × 30-cm-tall (Fig. 1A). One card of each of the four colors
was stapled to a single, 1-m-long wooden pole in random order with 15-cm-spacing
between cards. All traps were coated with Pestick™. Wooden poles (N = 10 with
4 traps on each) were suspended horizontally just below the foliage on the lower
limbs of hybrid polar trees that were located along the perimeter of the planting.
The lower limbs of poplar trees in this study were several meters above the ground,
so traps were suspended from ropes that were placed over the lowest limbs of each
tree using throw bags (SherrillTree, Inc., Greensboro, North Carolina). Ropes attached to traps were used to pull traps into the canopy and suspend them close to
the foliage. Trap height ranged from 2–15 m above the ground. Traps were placed
in the field on 31 May 2011 and removed on 27 July 2011. Traps were checked
once every 10–14 days and all buprestid species were removed.
Traps on honeylocust (Gleditsia triacanthos L.). In 2011, we tested
the attraction of various buprestid species to different colored traps placed in a
21-yr-old, 1 ha, honeylocust planting at Michigan State University Tree Research
Center, Ingham County, MI (Lat 42.67°N, Long 84.47°W). Traps tested were the
same colors and size as those used in the hybrid poplar study described above
(Fig. 1A). We suspended 10 wooden poles with traps, approximately 1.5–2m
above the ground from the lower branches of honeylocust trees located along
the perimeter of the planting. Traps were placed in the field on 31 May 2011
and removed on 27 July 2011. Traps were checked every 10–14 days and all
buprestid species were removed and identified.
Purple and green sticky trap comparison. In 2011, we compared three
different green and three different purple sticky traps (Fig. 1B). Purple traps
included the standard Coroplast™ purple trap coated with Pestick™, standard
Coroplast™ purple trap covered with a clear sticky sheet (WindowBugCatcher™,
Alpha Scents, Inc., West Linn, OR), and a custom purple sticky sheet made
by Alpha Scents. The green traps consisted of Coroplast™ green coated with
Pestick™, three (each 12.5 wide × 7.5 cm tall) dark green sticky cards (Alpha
Scents, Inc.) stapled together to make a single trap, and a custom light green
sticky sheet made by Alpha Scents. Overall size of each trap was 12.5 cm wide
× 22.5 cm tall. Spectral reflectance was measured for these traps following the
same procedure described for the A. subcinctus traps (Fig. 3A and 3B).
One of each of the green trap types or one of each of the purple trap types
were stapled to wooden poles, i.e., wooden poles contained all three green or all
three purple traps (Fig. 1B and 1C). Traps were attached to a wooden pole in
a randomized order with 15 cm space separating each trap. Wooden poles (10
with green traps and 10 with purple traps) were suspended from metal rebar
poles with the bottom of each rebar pole inserted into the ground and wooden
poles with traps attached to a 90º bend (approximately 0.3 m long) at the top of
each rebar pole. The top of each trap was suspended approximately 2 m above
the ground. Traps were placed in a 30-yr-old, 2 ha, green ash, Fraxinus pennsylvanica Marshall, planting that was showing approximately 50% canopy die back
due to A. planipennis infestation at Kellogg Experimental Forest, Kalamazoo
County, MI (Lat 42.37°N, Long 85.36°W). Traps were placed in the field on
17 June 2011, and insects were collected and traps removed on 14 July 2011.
Sticky trap and multifunnel trap comparison. In 2012, we tested
the attraction of various buprestid species to three different colored sticky
traps and two different colored multifunnel traps at Michigan State University
Tree Research Center, Ingham County, MI (Lat 42.67°N, Long 84.47°W). The
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corrugated plastic sticky traps we tested included Coroplast™ green, medium
green (Sabic green; Francese et al. 2013), and Coroplast™ purple (Fig. 2B).
Multifunnel traps consisted of the standard black multifunnel traps (Contech
Enterprises,Inc., Delta, British Columbia, Canada), along with green multifunnel traps (peak reflectance: 530 nm, 57%, described by Francese et al. 2011)
that were custom color matched to Sabic green (originally manufactured by
Chemtica Internacional, San Jose, Costa Rica; distributed by Synergy Semiochemicals, Inc., Burnaby, BC, Canada). Multifunnel traps consisted of seven
funnels each, and were coated with Fluon PTFE (AGC Chemicals Americas,
Inc., Exton, PA) to make it more difficult for landing insects to cling to the trap
surface and possibly escape (Lyons et al. 2012, Francese et al. 2013a). Collection
cups were filled with a salt water solution to kill and preserve insects that fell
into the traps. Sticky traps were two-sided with each side measuring 21 cm ×
61 cm to represent a similar-sized silhouette as the funnel traps. Sticky traps
were coated with Pestick™. All traps were suspended from metal rebar poles
with the bottom of each rebar pole inserted in the ground and the trap attached
to a 90º bend (approximately 0.3-m long) at the top of each rebar pole. The top
of each trap was suspended approximately 2 m above the ground. Traps were
spaced 5 m apart from each other and at least 5 m from any tree. Four replicates
were placed around the perimeter of a black locust planting, 3 replicates placed
around the perimeter of a honeylocust planting, and 3 replicates placed around
a white oak, Quercus alba L., and English oak, Quercus robur L., planting, with
a grand total of 10 replicates. Traps were placed in the field on 8 June 2012 and
removed on 24 July 2012. Buprestids were collected from traps once every week.
Specimen preparation. For all studies, after the insects were removed
from the traps they were frozen until prepared for identification. Specimens
were soaked in hexane for 24 hours to remove Pestick™ and then preserved in
70% ethyl alcohol or pinned and labeled when prepared for identification. All
buprestids were sexed and identified to species using the keys in Fisher (1928),
Wellso et al. (1976), MacRae (2003), and Wellso and Manley (2007). Voucher
specimens were confirmed by Stanley G. Wellso (USDA ARS-retired, now lives
in College Station, TX) and Jason A. Hansen (North Carolina State University,
stationed at Cape Cod, MA) and are currently stored at Michigan State University, Department of Entomology, Insect Collection, East Lansing, MI.
Statistical analysis. Mean numbers of buprestids captured per trap were
compared among trap types and colors using PROC Mixed (SAS 2008). When
adequate numbers of specimens were collected for an individual buprestid taxon
(usually >20), we compared the number captured for each genus, species and
sex. Replicates where no individuals were captured for the particular group
being analyzed were deleted. The Bonferroni multiple comparison test was
used to separate means that were significantly different at the P < 0.05 level.
Results
For all studies combined, we collected 2,535 individuals representing 8
genera of Buprestidae, including Acmaeodera (1 species; 1 individual), Agrilaxia
(1; 1), Agrilus (21; 2,475), Anthaxia (3; 13), Brachys (2; 8), Chrysobothris (1; 35),
Dicerca (1; 1), and Xenorhipis (1; 1). All species of Buprestidae that we collected
from 2009–2012 were previously reported from Michigan (Wellso et al. 1976,
Nelson et al. 2008)
2009 trapping study on ash. A total of 146 A. subcinctus adults was
captured in 2009. Significantly more A. subcinctus adults were captured on
Coroplast™ green and yellow sticky card traps compared to Coroplast™ purple
and Coroplast™ white traps (Fig. 4). The captured adults were not sexed. No A.
planipennis were captured, likely because the only living ash that remained at
the site were small sprouts, and also, traps were removed prior to A. planipennis
peak flight.
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Figure 4. Mean number of Agrilus subcinctus captured on different colored sticky traps
suspended from branches of Fraxinus pennsylvanica trees near Webberville, Ingham
County, MI (Lat 42.66 N, Long -84.20 W) on 15 May 2009. Means followed by a different
letter are significantly different at the P < 0.05 level (Bonferroni multiple comparison test).

2011 trapping study on hybrid poplars. A total of 293 (138 males; 155
females) Agrilus specimens was captured on traps placed in hybrid poplars trees
in 2011. Significantly more males and females were captured on Coroplast™
green and yellow sticky card traps compared to Coroplast™ purple and Coroplast™ white (Fig. 5A). A total of 13 Agrilus species was captured on the traps
(Table 1). Significantly more Agrilus species were captured on Coroplast™ green
traps, followed by yellow sticky cards, Coroplast™ white, and Coroplast™ purple
traps, respectively (Fig. 5B). In addition to Agrilus species, other buprestids
captured included two species of Anthaxia (one individual of each species), one
species of Brachys (two individuals), and one species of Chrysobothris (three
individuals) (Table 1).
The most common species captured on traps placed on hybrid poplar trees
were Agrilus egenus Gory (216 individuals) and members and relatives of the A.
otiosus species-group (33 individuals; Table 1). Females of the A. otiosus speciesgroup and a few related species currently cannot be distinguished from one another
using morphological characters (Fisher 1928, MacRae 2003), so they were combined
for our analyses and we will refer to them as A. otiosus-relatives for the remainder
of this paper. Significantly more A. egenus were captured on Coroplast™ green
and yellow sticky card traps compared to Coroplast™ purple and Coroplast™ white
traps (Fig. 5C). Coroplast™ green traps caught significantly more A. otiosus relatives than the other traps, while Coroplast™ white and Coroplast™ purple traps
caught the least. There were no other significant differences among traps (Fig. 5C).
2011 trapping study on honeylocust. A total of 444 (178 males; 266
females) Agrilus adults was captured on sticky traps placed on honeylocust trees
in 2011. Significantly more male and female Agrilus were captured on Coroplast™
green traps followed by yellow, then Coroplast™ white, and Coroplast™ purple
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Figure 5. Mean number of A) Agrilus males, females and total; B) Agrilus species; and
C) the two most common Agrilus species captured on different colored sticky traps
suspended from branches of hybrid poplar trees that were also bordering black locust
trees at Michigan State University Tree Research Center, Ingham County, MI (Lat
42.67 N, Long -84.47) from 31 May–27 July 2011. Means within each Agrilus group,
sex and species followed by a different letter are significantly different at the P < 0.05
level (Bonferroni multiple comparison test).
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Table 1. Total number of male and female individuals for each buprestid species captured
on sticky traps suspended from the limbs of hybrid poplar, Populus spp., trees that bordered a black locust, Robinia pseudoacacia, plantation in Michigan in 2011 by trap color.
		
Trap color and type3
Green
Purple
White
Yellow
Coroplast™ Coroplast™ Coroplast™ card
Species
♂(♀)
♂(♀)
♂(♀)
♂(♀)
Agrilus arcuatus (Say)1
A. bilineatus (Weber)
A. egenus Gory
A. fallax Say
A. granulatus liragus Barter&Brown
A. lecontei lecontei Saunders
A. masculinus Horn1
A. obsolettoguttatus Gory
A. otiosus relatives2 (females)
A. pseudofallax Frost
A. planipennis Fairmaire
A. putillus putillus Say
A. subcinctus Gory
A. sulcicollis Lacordaire
A. transimpressus Fall1
Anthaxia quercata (Fabricius)
An. viridifrons Gory
Brachys aerosus (Melsheimer)
Chrysobothris sexsignata Say

0(0)
0(0)
54(41)
2(0)
1(1)
1(4)
2(0)
0(2)
0(14)
1(0)
0(1)
1(1)
1(0)
0(1)
1(0)
0(1)
0(1)
0(1)
0(0)

0(0)
0(1)
5(8)
0(0)
2(4)
0(0)
0(0)
1(0)
0(1)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(1)
0(2)

0(0)
0(0)
8(5)
0(0)
1(3)
0(0)
0(0)
0(0)
0(2)
0(0)
0(0)
0(0)
0(1)
0(1)
0(0)
0(0)
0(0)
0(0)
0(1)

1(0)
0(0)
50(47)
0(0)
0(0)
0(0)
4(0)
0(1)
0(8)
0(0)
0(0)
3(3)
1(1)
0(1)
0(0)
0(0)
0(0)
0(0)
0(0)

Includes members of the Agrilus otiosus species group and close relatives.
Females of the Agrilus otiosus species group and close relatives cannot be distinguished from one another.
3
A total of 10 traps of each color and type was deployed. See text for trap dimensions
and details.
1
2

traps (Fig. 6A). Ten species of Agrilus were captured on these traps, and the
number of species captured did not vary significantly among trap colors (Table
2; Fig. 6B). No other buprestid species were captured.
The three most common Agrilus species captured were A. egeniformis
Champlain & Knull (305 individuals), A. fallax Say (89), and A. pseudofallax
Frost (35; Table 2). Significantly more A. egeniformis were captured on Coroplast™ green and yellow sticky card traps compared to Coroplast™ purple
and Coroplast™ white (Fig. 6C). Significantly more A. fallax were captured
on Coroplast™ green traps, compared to Coroplast™ purple and Coroplast™
white traps, and the number captured on yellow sticky card traps did not vary
significantly (Fig. 6C). Coroplast™ green traps captured significantly more A.
pseudofallax than Coroplast™ purple traps. There were no other significant
differences found among the remaining trap colors.
2011 purple- and green sticky trap comparison study. A total of 259
(92 males; 167 females) Agrilus adults was captured on the purple and green
traps in 2011 (Table 3). The number of male Agrilus captured did not vary
significantly among trap colors (Fig. 7A). Significantly more female Agrilus
were captured on Coroplast™ purple with Pestick™ compared to Alpha Scents
purple, Alpha Scents light green, and Coroplast™ purple covered with clear
sticky sheet (Fig. 7A). There were no other significant differences in the number
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Table 2. Total number of male and female individuals for each buprestid species
captured on sticky traps that were suspended from the limbs of honeylocust, Gleditsia
triacanthos, trees in Michigan in 2011 by trap color.
		
Green
Coroplast™
Species
♂(♀)
Agrilus bilineatus (Weber)
A. cyanescens Ratzeburg
A. egeniformis Champlain&Knull
A. egenus Gory
A. fallax Say
A. lecontei lecontei Saunders
A. masculinus Horn
A. otiosus relatives1 (females)
A. pseudofallax Frost
A. sulcicollis Lacordaire

0(1)
0(1)
82(88)
0(1)
36(39)
0(1)
0(0)
0(0)
9(22)
0(0)

Trap color and type2
Purple
White
Yellow
Coroplast™ Coroplast™ card
♂(♀)
♂(♀)
♂(♀)
0(0)
0(0)
4(19)
0(0)
2(2)
0(0)
0(0)
0(0)
0(1)
0(0)

0(0)
0(1)
9(13)
0(0)
1(1)
0(0)
0(0)
0(1)
1(1)
0(1)

0(0)
1(0)
30(60)
0(1)
2(6)
0(0)
1(0)
0(1)
0(1)
0(0)

Females of the Agrilus otiosus species group and close relatives cannot be distinguished
from one another.
2
A total of 10 traps of each color and type was deployed. See text for trap dimensions
and details.
1

of females captured among the other trap types (Fig. 7A). Nine species of Agrilus
were captured (Table 3). Significantly more Agrilus species were captured on
Coroplast™ green with Pestick™ traps compared to Alpha Scents light green
traps. The number of species captured on Alpha Scents dark green, Coroplast™
purple with Pestick™, and Coroplast™ purple covered with clear sticky sheet
did not vary significantly (Fig 7B). Agrilus planipennis represented 223 (80
males; 143 females) of the total Agrilus individuals captured. Significantly more
total A. planipennis were captured on Coroplast™ purple with Pestick™ traps
compared to Alpha Scents light green and Coroplast™ purple covered with clear
sticky sheet (Fig. 7C). There were no other significant differences in the number
of total A. planipennis captured among the other trap types. The number of A.
planipennis males captured did not vary significantly among trap types (Fig. 7C).
However, the number of female A. planipennis captured was significantly higher
on Coroplast™ purple with Pestick™ compared to Alpha Scents light green and
Coroplast™ purple covered with clear sticky sheet traps. The number of A. planipennis females captured did not vary significantly among the other trap types.
Other buprestids captured included two species of Anthaxia, one species of Brachys
and one species of Chrysobothris (Table 3). Alpha Scents purple traps captured
significantly more Chrysobothris compared to Alpha Scents light green, Alpha
Scents dark green and Coroplast™ green traps. There were no other significant
differences for the number of Chrysobothris captured among traps. (Fig. 7D).
2012 sticky trap and funnel trap comparison. In total, 1,333 Agrilus
individuals were captured in 2012 (Table 4). Significantly more male Agrilus
were captured on Coroplast™ green and Sabic green sticky traps compared
to black multifunnel and Coroplast™ purple traps (Fig. 8A). The number of
male Agrilus captured in green funnel traps did not vary significantly among
the trap types tested. Significantly more female Agrilus were captured on Coroplast™ green and Sabic green sticky traps compared to black multifunnel.
The number of male Agrilus captured in green multifunnel traps or Coroplast™
purple traps did not vary significantly among the trap types tested. A total of
17 Agrilus species were captured in 2012, with significantly more captured in
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Figure 6. Mean number of A) Agrilus males, females and total; B) Agrilus species; and
C) the three most common Agrilus species captured on different colored sticky traps
suspended from branches of honeylocust trees at Michigan State University Tree
Research Center, Ingham County, MI (Lat 42.67 N, Long -84.47) from 31 May–27 July
2011. Means within each Agrilus group, sex and species followed by a different letter
are significantly different at the P < 0.05 level (Bonferroni multiple comparison test).

0(0)
0(0)
0(0)
0(1)
0(0)
0(0)
0(0)
16(7)
0(0)
0(0)
0(1)
0(0)
0(0)
0(0)

0(0)
1(0)
2(1)
0(1)
0(0)
0(1)
0(0)
15(18)
1(0)
0(1)
0(0)
0(0)
0(1)
0(0)

Alpha Scents
dark green
sticky card
♂(♀)
0(0)
0(0)
2(5)
0(1)
1(0)
0(4)
1(1)
21(42)
0(0)
0(1)
0(1)
0(1)
0(0)
0(0)

Coroplast™
green
Pestick™
♂(♀)
0(0)
0(0)
0(1)
0(0)
1(0)
0(0)
0(0)
8(13)
0(0)
0(0)
0(0)
0(0)
0(0)
0(10)

Alpha Scents
purple
sticky card
♂(♀)

Trap color and type3

2

1

0(1)
0(0)
0(1)
0(0)
0(0)
0(0)
0(0)
7(2)
0(0)
0(0)
0(0)
0(0)
0(0)
1(4)

Coroplast™
purple
clear sticky
♂(♀)

Members of the Agrilus otiosus species group and close relatives.
Females of the Agrilus otiosus species group and close relatives cannot be distinguished from one another.
3
A total of 10 traps of each color and type was deployed. See text for trap dimensions and details.

Agrilus bilineatus (Weber)
A. cephalicus LeConte
A. egenus Gory
A. lecontei lecontei Saunders
A. masculinus Horn1
A. otiosus relatives2 (females)
A. obsolettoguttatus Gory
A. planipennis Fairmaire
A. ruficollis (Fabricius)
A. subcinctus Gory
Anthaxia quercata (Fabricius)
An. viridifrons Gory
Brachys aerosus (Melsheimer)
Chrysobothris sexsignata Say

Species

Alpha Scents
light green
sticky card
♂(♀)

			

0(2)
0(0)
0(0)
1(1)
2(0)
0(1)
0(0)
13(61)
0(0)
0(0)
0(0)
0(0)
0(0)
1(7)

Coroplast™
purple
Pestick™
♂(♀)

Table 3. Total number of male and female individuals for each buprestid species captured on sticky traps suspended from rebar poles in the
understory of a green ash, Fraxinus pennsylvanica, planting in Michigan in 2011 by trap color and trap type.
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Figure 7. Mean number of A) Agrilus males, females and total; B) Agrilus species captured; C) Agrilus planipennis males, females and total; and D) Chrysobothris sexsignata captured on different colored sticky cards suspended from rebar poles placed in a
Fraxinus pennsylvanica planting at Kellogg Experimental Forest, Kalamazoo County,
MI (Lat 42.37 N, Long -85.36) from 17 June –14 July 2011. Means within each Agrilus
group, sex and species followed by a different letter are significantly different at the P
< 0.05 level (Bonferroni multiple comparison test).

green multifunnel traps when compared to black multifunnel traps. The number
captured for the other trap types did not vary significantly (Table 4; Fig. 8B).
In addition, three species of Anthaxia, two species of Brachys, and one species
of Chrysobothris were captured in 2012 (Table 4).
Agrilus egenus (1011 individuals) was the most common Agrilus captured
in 2012, followed by A. egeniformis (138) and A. fallax (40). Considering only
traps around black locust trees, significantly more A. egenus were captured on
Coroplast™ green compared to black multifunnel traps while catches on Sabic
green, green multifunnel traps and Coroplast™ purple traps did not vary significantly compared to the trap types tested (Fig. 8C). Similarly, comparing only
traps around honeylocust trees, significantly more A. egeniformis were captured
on Sabic green compared to Coroplast™ purple, while the number captured on
Coroplast™ green, green multifunnel traps, and black multifunnel traps did
not vary significantly among the traps tested (Fig. 8C). The number of A. fallax
captured did not differ significantly among traps types (Fig. 8C).
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Figure 8. Mean number of A) Agrilus males, females and total; B) Agrilus species
captured on traps placed around the edge of black locust, honeylocust, and English
oak/white oak plantings combined; and C) A. egenus captured on traps around the
black locust planting, and A. fallax and A. egeniformis captured around the honeylocust
planting. Traps weresuspended from rebar poles at Michigan State University Tree
Research Center, Ingham County, MI (Lat 42.67 N, Long -84.47) from 8 June–24 July
2012. Means within each Agrilus group, sex and species followed by a different letter
are significantly different at the P < 0.05 level (Bonferroni multiple comparison test).
.

Sabic
Green
♂(♀)
0(0)
0(0)
0(0)
0(0)
0(0)
29(47)
106(145)
3(5)
1(0)
0(1)
0(0)
0(1)
0(0)
0(0)
4(0)
0(0)
0(0)
0(0)
1(0)
0(0)
0(0)
0(2)
0(0)
0(0)

Species

Acmaeodera tubulus (Fabricius)
Agrilaxia flavimana (Gory)
Agrilus bilineatus (Weber)
A. cephalicus LeConte
A. cyanescens Ratzeburg
A. egeniformis Champlain&Knull
A. egenus Gory
A. fallax Say
A. granulatus liragus Barter&Brown
A. lecontei lecontei Saunders
A. masculinus Horn1
A. otiosus relatives2 (females)
A. obsolettoguttatus Gory
A. paracelti Knull
A. planipennis Fairmaire
A. politus (Say)
A. pseudofallax Frost
A. putillus putillus Say
A. ruficollis (Fabricius)
Anthaxia fisheri Obenberger
An. quercata (Fabricius)
An. viridifrons Gory
Brachys aeruginosus Gory
B. aerosus (Melsheimer)

0(0)
0(0)
0(0)
0(0)
0(0)
15(22)
255(312)
7(13)
3(1)
0(1)
1(0)
0(3)
1(0)
0(1)
2(0)
0(0)
0(0)
0(0)
0(0)
0(0)
1(1)
1(1)
0(0)
0(1)

Coroplast™
Green
♂(♀)

			

0(1)
0(0)
3(2)
1(0)
0(0)
3(6)
30(78)
0(5)
0(3)
0(0)
1(0)
0(1)
0(0)
0(0)
1(1)
0(0)
0(1)
0(0)
0(0)
0(0)
0(0)
0(1)
0(0)
0(0)

Coroplast™
Purple
♂(♀)

Trap color and type3

0(0)
0(0)
0(0)
0(0)
0(0)
2(2)
18(25)
1(2)
1(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(0)
0(1)
0(0)
0(0)
0(0)
0(0)

Funnel
Black
♂(♀)

0(0)
1(0)
0(1)
0(0)
1(1)
1(11)
54(59)
2(2)
2(2)
0(6)
0(0)
0(1)
1(1)
0(0)
6(5)
1(0)
0(0)
1(0)
1(2)
0(0)
0(0)
0(2)
0(1)
0(3)

Funnel
Green
♂(♀)

Table 4. Total number of male and female individuals of each buprestid species captured on sticky traps suspended from rebar poles near
plantings of hybrid poplars, Populus sp., black locust, Robinia pseudoacacia, and honeylocust, Gleditsia triancanthos, plantations in Michigan in 2012 by trap color and trap type.
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0(0)
0(0)
0(0)

0(0)
0(0)
0(0)

Coroplast™
Green
♂(♀)
0(7)
0(0)
0(1)

Coroplast™
Purple
♂(♀)

Trap color and type3

2

1

Members of the Agrilus otiosus species group and close relatives.
Females of the Agrilus otiosus species group and close relatives cannot be distinguished from one another.
3
A total of ten traps of each color and type were deployed. See text for trap dimensions and details.

Chrysobothris sexsignata Say
Dicerca tenebrica (Kirby)
Xenorhipis brendeli LeConte

Species

Sabic
Green
♂(♀)

			

Table 4. Continued.

0(1)
1(0)
0(0)

Funnel
Black
♂(♀)
0(1)
0(0)
0(0)

Funnel
Green
♂(♀)
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Discussion
Most of the Agrilus captured in our studies were relatively small species
which attack small twigs and branches in the tree canopy (Hespenheide 1969,
1976; MacRae 1991). The Coroplast™ green and yellow sticky cards were highly
attractive to these species. Black locust is the larval host for A. egenus (Nelson
et al. 2008), but almost 200 A. egenus were captured on Coroplast™ green and
yellow sticky cards placed on hybrid poplars found adjacent to the black locust
trees. Petrice et al. (2013) also found that smaller Agrilus species, such as the
A. otiosus-relatives, were attracted on Coroplast™ green, and hypothesized that
it resembled green foliage in the tree canopy where smaller species would be
searching for twigs and small branches to oviposit. Four of the five European
Agrilus species that Domingue et al. (2013) found to be attracted to small green
sticky traps that were attached to tree branches at study sites in Hungary oviposit on small, weakened- or dead twigs of trees primarily in the beech family
Fagaceae and birch family Betulaceae (Bílý 2002).
The number of A. planipennis captured in the 2011 purple- and greentrap comparison varied significantly among some of the trap types, however,
the number captured did not vary significantly between Coroplast™ green and
Coroplast™ purple traps, both of which were previously found to be attractive
to A. planipennis (Crook et al. 2009, Francese et al. 2010). Comparing the green
traps where Alpha Scents light green captured significantly fewer A. planipennis
than Coroplast™ green with Pestick™ or Alpha Scents dark green, Alpha Scents
light green reflectance in the green wavelength range (495–570 nm) was much
lower compared to Coroplast™ green (Fig. 3A). Crook et al. (2009) found that
clear insect trapping glue, similar to the glue we used, increased reflectiveness
by 2.5%. Given this, reflectance would have been even higher for Coroplast™
green coated with Pestick™ than what was shown by the spectrophotometer
readings (Fig. 3B). The wavelength of Alpha Scents dark green trap was also
much lower than Coroplast™ green but higher than Alpha Scents light green.
The sensitivity of A. planipennis to reflectance in the green range is similar to
results found in other studies testing the attraction of A. planipennis to colors
in the green spectrum (Crook et al. 2009, Francese et al. 2010). For example,
Francese et al. (2010) found that 525–540 nm was the optimal green wavelength
range for A. planipennis attraction.
It is possible that Pestick™ enhanced attractiveness of Coroplast™ purple
to A. planipennis, given that Coroplast™ purple covered with a clear sticky sheet
captured significantly fewer A. planipennis compared to Coroplast™ purple
coated with Pestick™. Reflectance of Coroplast™ purple without insect glue
and Coroplast™ purple covered with a clear sticky sheet appeared to be most
different in the 400-460 nm spectral range, with Coroplast™ without insect glue
showing slightly higher reflectance compared to Coroplast™ purple covered with
a clear sticky sheet. As mentioned above, Pestick™ increased reflectiveness
by 2.5%, therefore, reflectance in the 400–460 nm range would have been even
higher for Coroplast™ purple coated with Pestick™ than what was shown by
the spectrophotometer readings (Fig. 3B). Interestingly, the reflectance of Alpha
Scents purple in this wavelength range was much higher compared to the two
Coroplast™ purples but the number of A. planipennis females captured was not
significantly different from Alpha Scents purple. It is possible that both types of
Coroplast™ purple traps were similarly attractive to A. planipennis but beetles
were able to escape from the clear sticky film, however, the authors of this paper
have found the clear sticky material was very effective in capturing large beetles
such as Cerambycidae and even small birds (personal observation). Furthermore,
Coroplast™ purple with the clear sticky sheet and Coroplast™ purple with Pestick™ captured similar numbers of Chrysobothris, which is a larger and more
robust buprestid compared to A. planipennis. However, it is possible that the clear
sheet may be more susceptible to debris and dust reducing its ability to capture
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insects over time compared to Pestick™ which is most often applied in a much
thicker coat compared to the former.
Difference in color attraction between the sexes of several Agrilus species seems to be limited to those Agrilus that would normally oviposit on the
trunks and larger branches of trees as opposed to small branches and twigs. For
example, in most of our studies, where primarily twig-infesting agrilids were
captured, attraction of Agrilus males and females to the trap colors tested followed similar trends, being attracted predominately to green and yellow traps
(Figs. 5A, 6A, and 8A). However, in the 2011 purple- and green-trap comparison study, where mostly A. planipennis were captured, the number of females
captured varied significantly among treatments, while males did not show a
significant color preference. Some studies found the sex ratio of A. planipennis
captured on Coroplast™ purple traps skewed toward females, and the sex ratio
on Coroplast™ green traps skewed toward males (Crook et al. 2009, Francese
et al. 2010). Purple is believed to have a similar reflectance as tree bark (Francese et al. 2010), while green most likely mimics foliage (Francese et al. 2010,
Petrice et al. 2013). Previous studies have found that A. planipennis males
are most commonly found hovering near foliage (Lelito et al. 2007, RodriguezSaona et al. 2007). In contrast, adult females must spend time both on foliage
to conduct maturation feeding and on the bark of trunks and branches to search
for oviposition sites and lay eggs. Petrice and Haack (2014) found females of
Agrilus bilineatus (Weber) were attracted to Coroplast™ purple, and females of
A. sulcicollis were attracted to Coroplast™ purple and Coroplast™ white, while
males of both species showed no significant color preference.
In addition to Agrilus, 8 of the 15 Anthaxia individuals and 2 of the 8
Brachys specimens were captured on Coroplast™ green traps in our study.
However, relatively few Chrysobothris specimens were captured on Coroplast™
green. Chrysobothris adults are known to be strongly attracted to purple (Oliver
et al. 2003, Petrice et al. 2013). This preference was most obvious in our 2011
purple vs. green trap comparison in which 23 Chrysobothris sexsignata Say
were captured on purple traps and none were captured on green traps (Fig.
7D). Chrysobothris typically oviposits on stems and larger branches of trees.
Green multifunnel traps were much more effective compared to black multifunnel traps in attracting Agrilus. Although the number of Agrilus specimens
captured by green multifunnel traps was intermediate between Coroplast™ green
and black multifunnel traps, green multifunnel traps captured the most Agrilus
species. Francese et al. (2013b) found green multifunnel traps as effective as
purple sticky traps for capturing A. planipennis. It is important to note that in
their study traps were suspended in the canopy of Fraxinus trees, and also the
purple sticky traps they used were actually an “improved” version that previous
studies had found to be more attractive to A. planipennis than Coroplast™ purple.
Both Coroplast™ sticky traps and multifunnel traps have their advantages
and disadvantages. Coroplast™ sticky traps are inexpensive, light weight, and
if they are to be assembled in the field, they can be stored and transported as flat
sheets. However, Coroplast™ sticky traps require application of insect trapping
glue. Finding and removing target insects from the trap surface can be difficult
which increases risk of overlooking target insects. Also, insect trapping glue
must be removed from the insects with a solvent so positive identifications can
be made. Due to the difficulty removing the insect trapping glue from the traps,
Coroplast™ sticky traps are not conveniently reusable. Conversely, multifunnel traps are reusable, they do not require insect trapping glue, and all insects
captured are contained and preserved in the collection cup at the bottom of the
trap. Some of the disadvantages of using multifunnel traps include: initial cost
is substantially more than Coroplast™ sticky traps; there is an added expense
and labor of applying fluon to trap surface every 2–3 yr; and they are more bulky
and heavier when compared to Coroplast™ sticky traps.
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In conclusion, our studies found Coroplast™ green sticky traps consistently
captured the most Agrilus individuals, and a variety of Agrilus species and the
other Buprestidae with the exception of Chrysobothris species. Yellow sticky card
traps and Sabic green traps also captured a large number of Agrilus individuals.
Coroplast™ purple sticky traps generally captured fewer Agrilus compared to
Coroplast™ green, Sabic green, and yellow cards with the exception of A. planipennis in 2012, where similar numbers were captured on both Coroplast™
green and Coroplast™ purple. Black multifunnel traps and Coroplast™ white
sticky traps were among the least effective traps in our studies. While absolute
number of Agrilus captured was lower for green multifunnel traps compared to
Coroplast™ green, the multifunnel traps appeared to be an effective alternative
to using sticky traps. Furthermore, green multifunnel traps captured the most
Agrilus species and almost all of the buprestid species that were collected from
all trap types in the 2012 study.
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Phenological Attributes and Phylogenetic Relationships
of Rhagoletis juniperina Marcovitch (Diptera: Tephritidae)
in the Great Lakes Region
Megan Frayer1, Daniel Hulbert2, Serdar Satar3, and James J. Smith1,2,*

Abstract
Rhagoletis juniperina Marcovitch (Diptera: Tephritidae) infests Eastern
Red Cedar (Juniperus virginiana L.) and other North American junipers. While
several Rhagoletis species are of interest as orchard crop pests (apple maggot,
blueberry maggot, cherry fruit fly) and as models for studying speciation (R.
pomonella Walsh species group), R. juniperina is of interest because it may
tie together evolutionarily the Nearctic and Palearctic Rhagoletis fauna. One
goal of this study was to test two competing hypotheses first proposed by Bush
(1966): i) that R. juniperina is more closely related to the Nearctic dogwoodinfesting R. tabellaria (Fitch), to which it is morphologically similar; or ii)
that R. juniperina is more closely related to the Eurasian juniper-infesting R.
flavigenualis Hering. To study R. juniperina, which is rarely collected, we first
established a local study site by collecting juniper berries from several sites
in the Lansing, MI vicinity in fall 2010, finding a heavily-infested juniper tree
on the Michigan State University campus. Preliminary mitochondrial COII
sequences of reared pupae matched (99.8%) the R. juniperina COII sequence
in GenBank, allowing tentative identification of these flies as R. juniperina.
Subsequently, the morphology of adults reared from these pupae the following
spring and summer confirmed this diagnosis. Phenological attributes of the
Farm Lane Bridge population were determined via weekly fruit collections in
fall 2011 and 2012, and “peak” larval infestation was found to occur during the
first part of October, while mean post-diapause eclosion time was found to be
approximately 103 days. Rhagoletis juniperina adults were also reared from
infested junipers found in Wisconsin and North Carolina, indicating that the
geographic range of R. juniperina on J. virginiana is broader than previously
thought. Hymenopteran parasitoids of R. juniperina were also observed; both
the egg parasitoid, Utetes juniperi (Fischer) (Hymenoptera: Branconidae), and
a new pupal parasitoid (Coptera n. sp.) (Hymenoptera: Diapriidae) were reared
from fruit and pupae, respectively, collected at the MSU campus site. Subsequent
phylogenetic analyses based on mitochondrial COI sequences did not resolve
the relationships of R. juniperina and R. pomonella or flies in the Rhagoletis
tabellaria species group. The sole R. flavigenualis individual in our sample
was placed sister to an unresolved trichotomy of three clades containing these
Nearctic taxa. The analysis also revealed within-species haplotype variability
in R. juniperina, with a 3.8% nucleotide sequence difference observed between
COI sequences of the flies from MI, WI, and NC compared to the Ontario R.
juniperina sequences in the Barcode of Life database.
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Rhagoletis juniperina Marcovitch (Diptera: Tephritidae) is one of 25 described North American Rhagoletis species, and one of 65 described Rhagoletis
species worldwide (Bush 1966, Smith and Bush 2000). The primary host plant
of R. juniperina in the Great Lakes region is the Eastern Red Cedar (Juniperus
virginiana L.), which is broadly distributed across the eastern US and extends
into southern Ontario. Collections of R. juniperina in the eastern US and
Canada have been reported from Massachusetts, New York, Ontario, Illinois,
Iowa and Texas (Bush 1966, Foote et al. 1993, Jackson et al. 2011), but the
fly has only been reared from infested J. virginiana fruit in Massachusetts,
New York, and Illinois (Bush 1966, Foote et al. 1993, Berlocher, unpublished).
Rhagoletis juniperina has also been reported from outside the geographic range
of J. virginiana in Manitoba and several western US states (Bush 1966, Foote et
al. 1993), leading to speculation that the host range is greater than its current
distribution. However, the only known R. juniperina specimen reared from a
host apart from J. virginiana was a single male reared from J. monosperma
(Engelm) Sarg. from New Mexico (Bush 1966).
Rhagoletis juniperina presents an interesting set of taxonomic, phylogenetic systematic, and evolutionary questions. Bush (1966) pointed out that
Juniperus spp. were probably part of the Holarctic Arcto-Tertiary geoflora, and
that insects associated with juniper hosts should follow similar distributional
patterns. Hering (1958) reared R. flavigenualis from juniper in Turkey, and the
wing pattern of these flies was similar to the pattern observed in R. juniperina.
Thus, Bush (1966) hypothesized that R. juniperina’s closest relatives may be
Palearctic, or conversely, that R. juniperina might be more closely allied with
members of the R. tabellaria (Fitch) group, which show morphological similarities to R. juniperina and infest shrubby dogwoods (Cornus spp.) across North
America. Bush (1966) originally placed R. juniperina within the tabellaria
species group. Molecular markers have been used to test these competing hypotheses, and indeed, R. flavigenualis Hering disrupted the monophyly of the
Nearctic Rhagoletis species groups in a phylogenetic study using mitochondrial
COII sequences (Smith et al. 2005/6), a result that has been corroborated using DNA sequences from the nuclear CAD locus (Hulbert et al., unpublished
observations).
Despite the broad distribution of its potential hosts, R. juniperina is rarely collected, and even more rarely reared, from juniper host fruit. Rhagoletis
juniperina is not an economically important pest species, and the abundance
and widespread distribution of its juniper hosts complicates finding infested
fruit. Many basic biological attributes of R. juniperina remain poorly characterized. Rhagoletis juniperina have a typical Rhagoletis life history, with
females laying their eggs in the fruit of juniper trees in late summer – early
autumn. Eggs hatch, go through three larval instars, and when the fruit fall
to the ground, 3rd instar larvae emerge from the fruit and burrow to a depth of
1–5 cm in the soil, where they pupate, enter diapause, and overwinter (Bush
1992). Diapause breaks as the ground warms in the spring and summer of
the following year, and adult flies emerge later in the season, in synchrony
with ripening host juniper fruit.
The phenological characteristics of R. juniperina, such as timing of adult
activity, timing of host fruit availability, and post-diapause ecolosion time have
not been characterized, nor have rates and peak periods of larval infestation
and peak periods of host fruit infestation. Thus, our primary objective in this
study was to establish one or more study populations of R. juniperina and use
these to determine these basic biological attributes. In addition, the braconid
parasitoid wasp, Utetes juniperi (Fischer) has been reported infesting R. juniperina (Wharton and Marsh 1978), and Forbes et al. (2012) reported a new
Coptera species from R. juniperina. Thus, a second objective of this study was to
characterize the wasp guild associated with R. juniperina and determine rates
of parasitism. Finally, a third goal was to determine the mitochondrial DNA
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relationships of R. juniperina to Rhagoletis flies in the tabellaria and pomonella
Walsh species groups. Determination of these relationships potentially can
shed light on the history of host associations in Rhagoletis as they diverged and
radiated into North America.
Methods
Field Survey and Insect Collections. In our initial survey, fruit (juniper berries) were collected from Eastern Red Cedar (Juniperus virginiana)
trees at seven locations in the East Lansing area between 22 September and
27 October 2010. Trees were selected based on the amount of fruit available for
collection, as well as by proximity to other trees from which fruit were collected.
Collections in subsequent years were made from Eastern Red Cedar trees at
two localities in the East Lansing, MI area, and at single localities in Avoca,
WI and Durham, NC.
Insect Rearing: Determination of Timing and Rates of Larval Infestation. Timing of peak larval infestation was determined by rearing pupae
from juniper fruit collected weekly at the Farm Lane Bridge site from the first
of September until mid-November in both 2011 and 2012, with collections being
made on the same calendar date in each year. Fruit collected from each tree
was laid over moist vermiculite and held at ambient temperature (23-28°C) in
a 9” × 13” growers’ flat for 28 days. This mimicked the natural process of falling
to the ground and allowed the larvae to emerge and pupate in the vermiculite
just as they would in soil. The vermiculite was sifted and the pupae, as well as
the fruit, were counted to determine larval infestation rates.
Insect Rearing: Post-diapause Eclosion Times. Except for a subset
of pupae that was frozen immediately for DNA isolation, all isolated pupae
were transferred to vermiculite-filled Petri dishes (100 × 15 mm) and held for
16 weeks in a refrigerator at 6-7°C to simulate over-wintering. After 16 weeks,
the Petri plates were placed at 21-24°C under fluorescent lights. Flies and
parasitoid wasps were collected from Petri plates every few days as they emerged
and placed in cages for 48h to allow exoskeletons to cure prior to freezing them
(flies) at –20 °C or preserving them in 95% EtOH (wasps). Emergence curves
were generated for all collections by plotting cumulative percent emergence
as a function of number of days since the Petri plates were removed from the
refrigerator (post-diapause eclosion time; PDET). The PDET was calculated as
the day by which 50% of adults had emerged.
Mitochondrial DNA PCR and Sequencing. Mitochondrial COII gene
fragments were PCR-amplified using the primers George (C1-J-2792; 5´- ATA
CCT CGA CGT TAT TCA GA - 3´) and Eva (TK-N-3722; 5´- GAG ACC ATT ACT
TGC TTT CAG TCA TCT - 3´) developed by Bogdanowicz et al. (1993). PCR
was carried out in a total reaction volume of 25 mL containing GeneScript Taq
polymerase (0.5 µL; 2.5U), 0.5 mM Mg2+, 0.2 mM dNTP mix (0.05 mM each),
0.5 μM of both forward and reverse primers, and 50 - 100 ng of template DNA.
Reactions were run on an iCycler (BioRad Laboratories, Hercules, CA) using
the following temperature profile: 5 min at 95 °C, 35 cycles of 2 min at 94 °C,
90 sec at 52 °C, 2 min at 72 °C; and 7 min at 72 °C for a final extension cycle.
The barcode region of the mitochondrial COI gene was amplified using the
primers LepF1 (5´- ATA CCT CGA CGT TAT TCA GA - 3´) and LepR1 (5´- GAG
ACC ATT ACT TGC TTT CAG TCA TCT - 3´) developed by Smith et al. (2007)
using the same PCR conditions described above. PCR products were purified
to remove salts and excess primers using QIAquick PCR Purification Kits
(Qiagen Sciences, Germantown, MD). Sequences of both strands were carried
out at the MSU Research Technology Support Facility via BigDye Terminator
Sequencing using the PCR primers and an Applied Biosystems 3730xl DNA
Analyzer (Foster City, CA). Forward and reverse sequences were obtained
as .ab1 files and edited using the computer program FinchTV (Geospiza, Inc.,
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Seattle, WA). Paired sequences were then used to create consensus sequences
for each individual fly. New sequences were submitted to GenBank (Accession
#’s KP100550 – KP100561).
Molecular Variation and Phylogenetic Analysis. DNA sequences
were aligned using the computer program Muscle (Edgar 2004) as implemented
in MEGA5.2.2 (Tamura et al. 2011). To assist with the identification of pupae
from the Farm Lane Bridge site, putatively identified as R. juniperina, DNA
sequences of the mitochondrial COII gene were obtained. This allowed direct
comparison with known sequences from R. juniperina (U53243) and R. pomonella
(U53229.2). Subsequently, COI sequences were used in phylogenetic analyses
to study the relationships of the R. juniperina flies from Farm Lane Bridge,
MI, Durham, NC and Avoca, WI, to the four Barcode of Life Database (BOLD)
sequences reported from R. juniperina on the Bruce Peninsula, in Ontario
(EU484529 - EU484532). In addition, BOLD sequences from R. tabellaria and R.
pomonella were included in the alignment, as were our own COI sequences from
R. tabellaria, R. electromorpha Berlocher, R. pomonella and R. flavigenualis,
which form part of a larger study on Rhagoletis species relationships (Hulbert
et al. unpublished). Mitochondrial COI sequences from R. striatella Wulp and
R. basiola (Osten Sacken) served as outgroups. The resulting 633 nucleotide
COI alignment was deposited in TreeBase (www.treebase.org) in Study S16845.
Phylogenetic analysis was carried out using MrBayes 3.1.2 (Ronquist et al.
2012) with 1,000,000 generations, with trees sampled every 200 generations,
discarding the first 20% of these as a burnin. Two independent runs of four
chains each were run, with convergence considered to have occurred when the
average standard deviation of split frequencies between runs was < 0.02. The
best-fit DNA substitution model for this set of sequences was determined to be
GTR + I + G using ModelTest (Posada and Crandall 1998) in conjunction with
PAUP 4.0b10 (Swofford 2000).
Results
Occurrence of R. juniperina. Of seven locations surveyed in 2010 in
the Lansing area, two locations yielded pupae that we tentatively identified as
R. juniperina. The Farm Lane Bridge (FLB) site on the MSU campus yielded
over 100 pupae with infestation rates in the 2010 collections ranging from
0.5-26.4% (Table 1), while the Okemos Meijer location yielded only two pupae.
Mitochondrial COII gene sequences obtained from four representative pupae
collected from the Farm Lane Bridge site were 99.8% similar (549/550 nucleotide
sites) to the R. juniperina reference sequence in GenBank (U53243; Smith and
Bush 1997). On the other hand, these COII sequences had 27 fixed differences
from the R. pomonella reference sequence (26 transitions, 1 transversion; 21-3rd
codon position substitutions, 6-1st position substitutions, 1 non-synonymous).
We concluded that the flies infesting the Farm Lane Bridge juniper were indeed
R. juniperina based on these mitochondrial COII sequences, the wing pattern
similarity of adults reared from these pupae to R. juniperina (Bush 1966), and
the identity of the host plant (J. virginiana) from which the pupae were collected and adult flies were reared. This collection appears to be a new state
record for Michigan.
In fall 2011 and 2012, additional field sites with infested junipers were
located in East Lansing, MI (Burcham Drive and Bessey Hall), in Durham,
NC (Loco), and near Avoca, WI. Adults reared from these collections also had
characteristic R. juniperina wing banding patterns. Further, mitochondrial COI
sequences obtained from three individuals from the Farm Lane Bridge site, and
from single individuals from the Durham, NC and Avoca, WI sites, were identical
to each other with the exception of four singleton nucleotide substitutions, all
synonymous 3rd positions, at nucleotide positions 114, 177, 246 and 513 in the
633 base pair alignment. Thus, the flies reared from eastern red cedar at the

2 (0.2)
93 (9.6)
689 (24.6)
88 (4.4)
16 (2.1)
50 (7.5)
86 (9.1)
12 (1.6)
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Laurie Lebo; MS, Mike Smith; TS, Ted Smith
nd – not determined
# All parasitoids reared from infested seed cones were U. juniperi
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Farm Lane Bridge (Ingham)
Farm Lane Bridge (Ingham)
Farm Lane Bridge (Ingham)
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Farm Lane Bridge (Ingham)
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Farm Lane Bridge (Ingham)
Farm Lane Bridge (Ingham)
Bessey Hall (Ingham)
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Burcham Drive (Ingham)
Durham Loco1 (Durham)
Durham Loco3 (Durham)
Avoca Pleasant Hill (Iowa)

#
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Collector*

Table 1. Rhagoletis juniperina collections made in Michigan, North Carolina and Wisconsin in 2010-2013.
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sites in North Carolina and Wisconsin were determined to be R. juniperina, and
both of these collections appear to represent new state records, which increases
the distribution of this fly (Fig. 1).
Timing of Infestation and Infestation Rates. Weekly collections of
juniper berries at the Farm Lane Bridge site in both 2011 and 2012 indicated
that peak larval infestation occurred during the first half of October, with the
peak both years occurring in the Oct. 12 collection (Fig. 2). While infestation
rates were considerably lower in 2011 than in 2012 (see below), the temporal
pattern was the same. No pupae were reared from fruit collected prior to Sept.
21st or after Nov. 9th either year.
The Farm Lane Bridge juniper site had a 24.6% larval infestation rate
on Oct. 6, 2010, with subsequent peak rates of 9.1% on Oct. 12, 2011 and 24.9%
on Oct. 12, 2012. (The low peak and overall infestation rates observed in 2011
likely resulted as an artifact of fruit and larval desiccation during the rearing
process.) Infestation rates at other collection sites were consistent with the
pattern observed at Farm Lane Bridge. The Meijer collection in 2010 had an
infestation rate of 0.2% on 22 September, the Burcham site had a 5.7% infestation rate on Oct. 26, 2011, and the Durham, NC site was infested at 1.3 - 3.8%
on 5 November 2011. The anomaly within the dataset was the Avoca, WI collection, in which the collection made on 11 October 2012 was only infested at
1.3%. However, the fruit from Wisconsin were stored in a drink cooler for 72h
prior to being shipped to our lab in Michigan and placed on vermiculite, which
may partially explain the low infestation rate.
Adult Emergence and Post-diapause Eclosion Timing. Of the 821
pupae from the 2011 collection that were overwintered, 106 adult flies emerged
in the lab between 22 May and 8 August 2012 (overall emergence rate of 12.9%).
Similarly, the 2012 collection yielded 631 pupae from which 140 adult flies
emerged between 3 May and 15 August 2013 (overall emergence rate of 22.2%).
Emergence curves were generated and PDET calculated for the fly collections
made at Farm Lane Bridge in 2010 and 2012, and at Burcham Drive in 2011
(Fig. 3). PDET for these three fly collections was found to be an average of 103
days. This compares with 76 days for R. zephyria Snow (Riverwalk 2011; n =
25), 64 days for R. pomonella (Clinical Center Apple 2011; n = 21), and 55 days
for R. cingulata (Loew) (NW Festival 2010; n = 37), reared under similar conditions in our lab from collections made in 2010 – 2012.
Parasitic Hymenoptera. The braconid parasitoid, U. juniperi emerged
from pupae reared from junipers collected at Farm Lane Bridge in 2010 and 2012,
and Burcham Drive in 2011. Rates of parasitism ranged from 3.7% (based on
% of pupae infested) at Farm Lane Bridge in 2010 to 14.1% at Burcham Drive
in 2011. Wasp emergence, as measured by PDET, lagged behind fly emergence
by an average of 27 days in all three of these collections (Fig. 3), with PDET of
103 days (Farm Lane Bridge 2012), 108 days (Burcham Drive 2011), and 113
days (Farm Lane Bridge 2010), respectively.
We also reared a new species of Coptera (Hymenoptera: Diapriidae) from
pupae that were isolated from soil beneath the Eastern Red Cedar tree at Farm
Lane Bridge in June 2011 (Forbes et al. 2012). From 204 pupae, we reared 58
R. juniperina (28.4%), 30 U. juniperi (14.7%), and 6 Coptera n.sp. (2.9%). The
new Coptera wasp species will be described in a separate publication.
Phylogenetic Relationships. A phylogenetic analysis was carried
out based on the mitochondrial barcode region of COI (Hebert et al. 2003) to
study the relationships of the R. juniperina we collected from MI, WI, and NC
to Rhagoletis flies in the tabellaria and pomonella species groups. Originally
placed in the tabellaria group (Bush 1966), subsequent studies listed R. juniperina as unplaced within any species group (Smith et al. 2005/6). We also
included in our analysis COI sequences from four individuals in the Barcode
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Figure 1. Updated geographic distribution map for R. juniperina (adapted from Foote
et al. 1993). Open circles are locations of R. juniperina from Foote et al. (1993), closed
circles are two known, but unpublished, localities, and open triangles are locations
surveyed in this study. Sites in Manitoba and the western US are outside the range of
Eastern Red Cedar.

Figure 2. Time course of larval infestation of juniper at the Farm Lane Bridge site in
2011 and 2012. Fruit was collected on every date shown at 1-week intervals from 31
August through 16 November in both years. Pupae were reared from collected fruit
and counted. y-axis values are expressed as the percentage of the fruit that were
infested. Peak infestation was found to be in the first two weeks of October.
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Figure 3. Emergence curves of R. juniperina adult flies and Utetes juniperi wasp parasitoids for 2010-2012 collections. The 2010 and 2012 emergence curves represent pooled data
from all Farm Lane Bridge collections those seasons. The PDET of the flies is approximately 103 days, with parasitoid emergence following by approximately 25 days.

of Life Database (BOLD) identified as R. juniperina (Jackson et al. 2011), as
well as a single sequence available from the Palearctic R. flavigenualis, which
infests juniper in the Old World.
The MI, WI and NC R. juniperina COI sequences together formed a clade
that was a sister group to the BOLD R. juniperina COI sequences (Fig. 3). The
COI sequences from the MI, WI and NC R. juniperina differed from the BOLD
R. juniperina COI sequences by an average of 3.8% (24 differences over 633
nucleotides), with 4-1st codon position substitutions and 20-3rd codon position
substitutions, all of which were synonymous. The relationship of the R. juniperina clade to the tabellaria group and the pomonella group was not resolved
by the phylogenetic analysis of the COI barcode region. The Palearctic juniperinfesting R. flavigenualis was placed sister to these three clades in the analysis.
Discussion
How common is R. juniperina? Rhagoletis juniperina may be neither
rare nor uncommon in the eastern United States. While the fly has been described as being rare (Foote et al. 1993), our limited field survey and collections
made in 2010 – 2013 indicate that R. juniperina may actually be both common
and abundant within the range of the Eastern Red Cedar, J. virginiana, which
serves as its primary host in eastern North America. We reared adult R. juniperina from infested J. virginiana fruits from three sites in the East Lansing,
Michigan area and from single sites in both Wisconsin and North Carolina. All
of these collections appear to represent new state records. Rhagoletis juniperina,
originally described from flies reared from J. virginiana in Ithaca, New York
(Marcovitch 1915), was subsequently reared from J. virginiana fruit collected
in Lexington, Massachusetts by Bush (1966). Presumably due to its lack of economic importance, R. juniperina is not often collected, a fact that is complicated
by the presence of many potential juniper hosts within its geographic range,
in particular horticultural varieties. Of the collections that we made, only J.
virginiana was infested, with no flies emerging from potential juniper hosts that
were more horticultural with respect to fruit size and habit.
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A more extensive field survey may reveal that R. juniperina is both widespread and common on its native host in eastern North America. Juniperus
virginiana was very widespread and common until the turn of the 20th century,
when the eastern forests were harvested for this tree, primarily for its use to
make pencils (Peattie 1948).
Rhagoletis juniperina has been reported from junipers outside the range
of J. virginiana in the southwestern US, California, and the Pacific Northwest
(Foote et al. 1993). Hosts in these areas include J. monosperma (Arizona; Bush
1966) and J. occidentalis ssp. australis in the Sierra Nevada. These hosts are
relatively abundant and the extent of their infestation with R. juniperina is
unknown. Similarly, the relationships of the flies infesting these western hosts
to the flies infesting J. virginiana in the eastern US are unknown.
Rhagoletis juniperina Phenology. We determined larval infestation
rates, the timing of larval infestations, and the post-diapause eclosion times
of adult R. juniperina collected at two localities in the vicinity of the Michigan
State University campus in East Lansing. Peak larval infestation in MI occurred
during the 1st and 2nd weeks of October in both 2011 and 2012. Thus, host fruit
availability occurs relatively late in the season for R. juniperina, and the window during which fruit are available for infestation appears to be rather short.
Consistent with this finding is the fact that PDET is long for R. juniperina, approximately 103 days, which is consistent with the late seasonal availability of
host fruit for larval infestation. Data for our comparison taxa, R. zephyria (76
days), R. pomonella (apple, 64 days), and R. cingulata (55 days) were similar
to published values; Forbes et al. (2009) reported a PDET of 68.8 days for R.
pomonella (apple). One shortcoming of this current study, however, is the lack
of characterization of adult flight activity of R. juniperina in the vicinity of its
host plants. This is the subject of a future study.
Hymenopteran Parasitoids. Both Utetes and Coptera hymenopteran
wasps were reared from R. juniperina flies from Farm Lane Bridge and presumably represent egg/larval and pupal parasitoids, respectively. Rhagoletis
juniperina serves as host for U. juniperi (presumably an egg parasitoid) and
Coptera species typically parasitize Rhagoletis pupae. Prokopy and Webster
(1978) demonstrated that U. canaliculatus (Gahan) oviposits in the host eggs.
Nonetheless, the developmental stage that is used by U. juniperi remains to
be determined. Lags in wasp emergence are well known in Rhagoletis species,
with braconids typically emerging 30-40 days after their fly hosts (e.g., Forbes
et al. 2009).
Rhagoletis phylogenetics. DNA sequences of mitochondrial COI did not
allow us to make inferences about the relationships of R. juniperina to flies in the
pomonella and tabellaria species groups of the genus Rhagoletis. Phylogenetic
analysis of the COI region of R. juniperina from Michigan in the context of pomonella and tabellaria species group exemplars analyzed here failed to provide
resolution of these three major clades (Fig. 4). In the COI tree, R. flavigenualis
was placed basal to R. juniperina, R. tabellaria and R. pomonella, indicating
divergence from R. juniperina prior to the divergence of the tabellaria and pomonella species groups. Interestingly, while the Palearctic juniper-infesting
R. flavigenualis is sister to R. juniperina, R. tabellaria and R. pomonella in the
COI tree, it is placed sister to R. juniperina when nuclear CAD and 28S genes
are examined (Hulbert et al., unpublished observations).
The COI DNA data indicate that R. juniperina collected on the Bruce Peninsula in Ontario (Jackson et al. 2011) by Malaise trapping in late July 2003 may
potentially be a different species. Although our R. juniperina samples matched
the COII R. juniperina sequence in GenBank, they formed a separate group from
the COI sequences obtained from the BOLD. While the mitochondrial barcode
regions (COI) from the four representative R. juniperina flies from Michigan,
Wisconsin, and North Carolina collections were similar to each other, the COI
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Figure 4. Phylogenetic relationships of R. juniperina, R. tabellaria, R. pomonella, and
R. flavigenualis. Bayesian analysis of mitochondrial COI sequences from our Rhagoletis collections and as well as sequences from the BOLD was performed using MrBayes,
with the GTR+I+G evolutionary model, and 1,000,000 generations of MCMC. Branches
show posterior probabilities.

sequences for Bruce Peninsula flies differed from these by 3.8% (p-distance).
In addition, the flies from Bruce peninsula in Ontario were collected as adults
in July. Rhagoletis juniperina adult activity in July would appear to be too
early for flies with a peak larval infestation time in October, unless the adults
were extraordinarily long-lived in the field. Estimates of adult longevity in the
field for Rhagoletis species are typically 30-40 days (Boller and Prokopy 1976).
Thus, either R. juniperina consists of two widely divergent mitochondrial COI
haplotypes, or the R. juniperina-like flies collected in July 2003 on the shores
of Lake Huron may be using an as yet unidentified juniper species (perhaps
J. communis or J. horizontalis) as its larval host, and may represent a new
Rhagoletis species. Sorting out this situation may also help to explain the collection of R. juniperina in Manitoba (Foote et al. 1993), which is well outside
the range of J. virginiana.
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How Did E. M. Walker Measure the Length of the Labium
of Nymphs of Aeshna and Rhionaeschna (Odonata:
Aeshnidae)?
Robert B. DuBois*1 and Kenneth J. Tennessen2

Abstract
The exhaustive studies of nymphs of Aeshna Fabricius and Rhionaeschna
Förster by E. M. Walker (1912-1958) have long guided the taxonomy of these
groups and formed the basis for keys still in use today. However, uncertainty
about how he measured the length of the labium, including the varied terminology he used over the duration of his career concerning this structure, has led to
confusion about application of his taxonomic recommendations. We recalculated
ratios of the maximum width/length [W(max)/L] by measuring the illustration
dimensions of folded labia and prementums in publications throughout his
career and compared these data with the ratios he stated in those publications
and with ratios derived from measurements of specimens in our collections.
Our results show that from 1912 to 1941, Walker restricted length measurement to the prementum proper (which he called the “mentum of the labium”),
exclusive of the ventrally visible portion of the postmental hinge. However, in
1941 he reported ratios from length measurements done two ways, excluding
the postmental hinge in his description of the nymph of A. verticalis Hagen,
but including the hinge in his description of the nymph of A. septentrionalis
Burmeister (Whitehouse 1941). In Walker’s most recent and influential work
(1958), he included the postmental hinge in labium length measurements of
nine species, but restricted length measurements to the prementum for five
others. He was consistent with the use of terms, using both “folded labium” by
which he meant the prementum plus the postmental hinge, and “prementum”
by which he meant only that structure. However, Walker’s descriptions of the
labium in his latest work are buried in long, frequently punctuated sentences
that for most species include the terms “folded labium” and “prementum” in the
same sentence, so careful reading is required to know which term is intended in
the width/length ratio. Width/length ratios we each calculated independently
were invariably similar for a given species and were usually similar to Walker’s
stated ratio for that species. These similarities affirm our conclusion that while
labium measurements must be done with care, they are closely repeatable among
workers and will consistently lead to correct determinations in properly designed
couplets of dichotomous keys to these genera. We recommend measuring the
length of the prementum proper in future studies of these genera when labium
ratios are calculated because we found less variability in those cases than when
the measurements included the postmental hinge. An approximate conversion
between the two methods of calculating W(max)/L ratios can be made as follows:
ratio calculated when the length of the prementum excluding the postmental
hinge is used x 0.88 is approximately equal to the ratio when the postmental
hinge is included for species of Aeshna and Rhionaeschna in North America.
____________________
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The shape of the ventrally visible portion of the labium is a valuable distinguishing characteristic for nymphs of a number of species of Aeshna Fabricius
and Rhionaeschna Förster in North America. The famous Canadian entomologist
E. M. Walker undertook exhaustive studies of the nymphs of Aeshna, including
the recently assigned genus Rhionaeschna (von Ellenrieder 2003), in which
he typically illustrated the labium and at various times measured its greatest
width, distal width, basal width, and length. These illustrations included the
labial palps, movable hooks, prementum, and the distal, ventrally visible portion
of the postmentum (often called the postmental hinge). From measurements of
the labium Walker calculated ratios which he often presented in diagnoses and
included in dichotomous keys to species within the genus Aeshna. He published
the illustrations and ratios in numerous works including a detailed monograph
of the genus (Walker 1912), in Volume 2 of his seminal work on the Odonata of
Canada and Alaska (Walker 1958), and in a number of smaller papers (Walker
1922, 1934, 1941; Whitehouse 1941).
Unfortunately, he did not, to our knowledge, specifically describe how the
length of the labium was measured in any of these works. In looking at this
structure in ventral view, there are two primary ways that its length might
be measured. Measurements could be limited to the prementum proper (not
including the labial palps, movable hooks, or the postmental hinge), because
it is the primary structure of the labium. Alternatively, the ventrally visible
portion of the postmental hinge could be included in length measurements with
the prementum (hereafter “folded labium”) because it bends back upon itself
to hold the prementum close to the underside of the head when not extended,
and is therefore clearly visible in ventral view (Fig. 1). Substantially different
maximum width/length [W(max)/L] ratios would result depending on which
length measurement was used.
While trying to reconcile our ratios of labial W(max)/L for a number of
species of North American Aeshna and Rhionaeschna with Walker’s ratios, it
was not always apparent how he had measured the length of the labium. In
his most recent publication (Walker 1958) he appeared to have included the
postmental hinge in most, but not all, of his measurements, and in other earlier
works, he apparently measured only the prementum. Further, over the course
of his lengthy career, Walker used a variety of descriptive terms for aspects
of the ventrally visible portion of the labium including folded labium, labium,
mentum of the labium, and prementum when describing length and width
dimensions of that mouth part. This uncertainty about how he measured the
length of the labium led to some confusion about our determinations of Aeshna
and Rhionaeschna nymphs when using his key (Walker 1958). Elements of
Walker’s key to the genus Aeshna have formed the basis upon which recent
North American keys to Aeshna and Rhionaeschna were built. Our objective
was to determine how Walker measured the length of the labia of Aeshna and
Rhionaeschna nymphs in his studies. We approached this objective by comparing the width/length ratios of folded labia or prementums of nymphs of Aeshna
and Rhionaeschna as stated by Walker in his publications, with ratios that we
calculated from measurements of his illustrations, and with similarly derived
ratios from measurements of specimens in our collections.
Materials and Methods
We examined ratios of prementum and folded labium maximum width/
length [W(max)/L] for the 16 species of Aeshna and Rhionaeschna that Walker
illustrated in his publications. We compared ratios that we calculated from
measurements of his illustrations of labia, both with and without the postmental hinge, with his stated ratios for those species in the same publications,
and with similarly derived ratios from measured specimens in our collections.
Measurements were made from illustrations in Walker’s publications with
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Figure 1. Folded labium of Aeshna canadensis (F-0 nymph) in ventral view showing
how we measured the maximum or greatest width of the prementum [W(max)], minimum or basal width of the prementum [W(min)], length of the prementum (L1), and
length of the folded labium including the postmental hinge (L2).

a millimeter rule to the nearest 0.05mm. We consider this to be a valid data
collection technique because Walker presumably drew his illustrations with a
camera lucida and they should therefore reflect the actual proportions of the
folded labia of the specimens drawn. Maximum width was measured where it
occurred in the distal 2/3rds of the prementum (Fig. 1). Length of the prementum was measured along the midline from the distal or anterior margin of the
prementum (ligula) to a straight line envisioned between the angular “corners”
at the base (Fig. 1, measurement “L1”, exclusive of the postmental hinge). We
also measured the folded labium length including the postmental hinge (Fig. 1,
measurement “L2”). In most cases Walker had illustrated the folded labium of
a species more than once, so all of the illustrations of a species were measured,
and we noted if there were substantial differences in ratios derived among them.
Our analyses consisted of simple comparisons to determine for each species
which of the calculated ratios -- when the postmental hinge was included in the
length measurement, and when it was not -- was closer to Walker’s stated ratio
in the same publication. We also noted the terminology he used for the labia he
illustrated in publications throughout his career.
Ratios [W(max)/L] were similarly calculated from measurements of exuviae
and F-0 nymphs from our collections made in ventral view under magnification
with an ocular micrometer (to the nearest 0.05 mm). We preferred to use reared
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(= associated) exuviae to be certain of their identity. When rearing, nymphs were
collected after molting to the final instar (F-0) and were reared to emergence
in indoor aquaria. In some cases, associations in the process of emerging were
collected in the field – in these cases they were placed in small live cages while
still on their emergence supports and were allowed to complete the emergence
process. Exuviae were placed in individual vials of 70% ethanol. Teneral adults
were maintained alive in cages for several days after emergence, then were
either placed in the vial of alcohol with their exuvia or were soaked overnight
in acetone, dried, and stored in standard Odonata envelopes. If the teneral/
exuvia association was stored separately, each was given a unique accession
number immediately after emergence to preclude any possibility of confusing
the specimens. However, our sample sizes of reared exuviae were fewer than 10
for most species, so in those cases we augmented the sample with unassociated
exuviae or F-0 nymphs to achieve a sample size of 10 for all species (Table 1).
In all cases where this augmentation was done we ensured that the nymphs
and exuviae were firmly determined based on the following criteria: 1) were
identifiable using current keys, 2) were similar to the reared specimens for
that species, and 3) were from sites where the species was common and similar
appearing species were not expected. Aeshna clepsydra and A. constricta were
not reared, but their nymphs are distinctive and most specimens were selected
from sites where each was the dominant species of Aeshna. All specimens were
determined and measured by the authors and are housed in the Odonata Collection of the Wisconsin Department of Natural Resources in Superior and in
the personal collection of KJT in Wautoma, Wisconsin.
Results and Discussion
During his career, E. M. Walker described the dimensions and published
illustrations of the folded labia of 16 species of North American Aeshna and
Rhionaeschna. Among these, he described the place on the labium where he
measured the width, named the structure for which he calculated a width/length
ratio, and stated the ratio for 13 species. For A. subarctica, R. californica, and
R. mutata he did not provide a ratio. He stated that the labium of A. subarctica was “indistinguishable from that of A. juncea” (Walker 1912) and that the
head and eyes were “as in juncea” (Walker 1958). For R. californica he simply
stated that the distal width was “a little less than the length” of the prementum
(Walker 1912, 1958). Of R. mutata he noted that the nymph was “very like that
of A. multicolor, all parts of the head apparently indistinguishable in the two
species” (Walker 1958).
Walker illustrated most species of North American Aeshna and Rhionaeschna twice. That these were different illustrations of the same species, and
not just modified versions of the same drawing, is demonstrated by differences
between them in stippling, shape contours, and positioning of the movable hooks.
He illustrated North American specimens of A. juncea three times (Walker 1912,
1934, and 1958; he also illustrated Eurasian specimens of A. juncea). Species
he illustrated only once were A. tuberculifera and R. mutata, both published in
1958. Although our measurements of his illustrations gave similar width/length
ratios for most species between and among time periods, there were some notable
exceptions. For example, in comparing our calculated W(max)/L ratios of the
folded labia (including the postmental hinge) of his illustrations between 1912
and 1958 we note differences of 0.64 vs. 0.70 for A. canadensis, 0.66 vs. 0.71 for
A. interrupta, 0.67 vs. 0.76 for A. juncea (quite a substantial difference), 0.59 vs.
0.64 for A. septentrionalis, and 0.79 vs. 0.86 for R. californica. Because Walker’s
illustrations were evidently done with a camera lucida, they should reflect the actual proportions of the labia drawn. Thus these differences in his illustrations of a
species between time periods could be due to intraspecific morphological variation,
to some unidentified source of methodological error, or a combination of the two.
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Table 1. Sampling locations and sample sizes (n) for 16 species of Aeshna and Rhionaeschna for which prementum dimensions were measured (reared exuviae = re; unassociated exuviae = un; F-0 nymph = ny).
Species

Aeshna canadensis
Walker

Aeshna clepsydra Say

Aeshna constricta Say

Aeshna eremita Scudder

Aeshna interrupta
Walker

Locality and sample size
1. MN, Carlton Co., bog pond, Gandy Dancer Trail (n = 1 re)
2. WI, Ashland Co., lagoon, Michigan Island (n = 2 re)
3. WI, Ashland Co., Bark Bay, Lake Superior (n = 2 un)
4. WI, Douglas Co., Balsam Cr., Foxboro-Chaffey Rd. (n = 3 re)
5. WI, Douglas Co., Breitzman Lake (n = 1 re)
6. WI, Douglas Co., Mulligan Lake (n = 1 re)
1. MA, Barnstable Co., Snow Pond, Truro (n = 1 un, 2 ny)
2. NY, Rensselaer Co., White Lily Pond, Grafton (n = 5 un)
3. WI, Douglas Co., Apple Lake (n = 1 un)
4. WI, Douglas Co., Bird Sanctuary Pond, Gordon (n = 1 un)
1. WI, Door Co., North Bay (n = 2 un)
2. WI, Door Co., Mink River (n = 4 un)
3. WI, Douglas Co., Allouez Bay, Lake Superior (n = 2 un)
4. WI, Douglas Co., Little Pokegama Bay, St. Louis River (n = 1 un)
5. WI, Douglas Co., shoreline panne, Lake Superior, Brule River
State Forest (n = 1 un)
1. ON, Amikeus Lake, Algonquin Provincial Park (n = 1 un)
2. MN, Lake Co., Kangas Lake (n = 3 re)
3. WI, Ashland Co., Dry Lake (n = 1 un)
4. WI, Ashland Co., Lake Three (n = 1 un)
5. WI, Bayfield Co., unnamed pond, Koski Rd. (n = 1 un)
6. WI, Douglas Co., Mulligan Lake (n = 2 un)
7. WI, Douglas Co., Pond A, Kimmes-Tobin Wetland (n = 1 un)
1. ND, Grand Forks Co., Marsh Pond, Turtle River State Park
(n = 6 re)
2. WI, Douglas Co., pond, Vapa Rd., Brule River State Forest
(n = 4 re)

Aeshna juncea
(Linnaeus)

1. ON, Algoma Dist., Lake Superior, Schreiber Channel nr. Nicol
Island (n = 1 re)
2. AK, Bethel Co., pond nr. Bethel Airport (n = 1 re, 3 un, 1 ny)
3. AK, Bethel Co., pond nr. Tundra Ridge Road, Bethel (n = 1 ny)
4. CO, Gunnison Co., Iron Fen, Crested Butte (n = 1 un)
5. OR, Marion Co., pond, NF-6370, Willamette National Forest
(n = 1 re)
6. WA, Skamania Co., Olallie Lake, NR-5601, Gifford Pinchot
National Forest (n =1 re)

Aeshna palmata Hagen

1. CA, Mono Co., pond nr. Tioga Road, Yosemite National Park
(n = 1 re)
2. OR, Deschutes Co., Todd Lake (n = 9 un)

Aeshna septentrionalis
Burmeister

1. BC: pond nr. Skagway Rd. (n = 1 un)
2. YT, fen nr. Blackstone River & Dempster Hwy (n = 1 ny)
3. YT, fen nr. Eagle River & Dempster Hwy (n = 2 ny)
4. YT, fen, Koidern (n = 1 ny)
5. YT, fen nr. Long’s Creek & Alaska Hwy (n = 1 ny)
6. YT, fen nr. Nahanni Range Rd. (n = 1 un)
7. YT, fen, North McMillan River Valley, (n = 2 ny)
8. YT, fen nr. Slims River & Alaska Hwy (n = 1 re)
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Table 1. Continued.
Species

Locality and sample size

Aeshna sitchensis Hagen

1. MI, Alger Co., fen nr. Masters (n = 1 ny)
2. MN, Carlton Co., fen NE of Whyte (n = 1 re, 4 ny)
3. WI, Ashland Co., fen, Stockton Island (n = 4 un)

Aeshna subarctica
Walker

Aeshna tuberculifera
Walker

1. SK, fen, Hwy SK 2 (n = 1 re)
2. ME, Somerset Co., Twelve Mile Bog (n = 1 re)
3. WI, Douglas Co., Breitzman Lake (n = 1 un)
4. WI, Iron Co., bog pond nr. Tyler Forks (n = 1 re, 6 un)
1. MN, Washington Co., pond, Warner Nature Center (n = 4 re)
2. WI, Ashland Co., lagoon, Michigan Island (n = 1 un)
3. WI, Douglas Co., pond, Hwy 2, Brule River State Forest (n = 2
re, 2 ny)
4. WI, Douglas Co., pond, Vapa Road, Brule River State Forest (n
= 1 un)

Aeshna umbrosa Walker

1. MA, Berkshire Co., tributary of Laurel Lake (n = 2 re)
2. MN, Becker Co., Ottertail River, Tamarac National Wildlife
Refuge (n = 3 re)
3. WI, Bayfield Co., Flag River (n = 1 re)
4. WI, Burnett Co., Kleiss Pond, Grantsburg (n = 1 re)
5. WI, Douglas Co., Balsam Creek, Foxboro-Chaffey Rd. (n = 1 re)
6. WI, Douglas Co., Breitzman Lake (n = 1 re)
7. WI, Washburn Co., Little MacKay Creek (n = 1 re)

Aeshna verticalis Hagen

1. MI, Alger Co., fen nr. Masters (n = 1 re, 1 ny)
2. WI, Bayfield Co., bog, Quarry Rd., Port Wing (n = 1 un)
3. WI, Douglas Co., bog, Empire Wilderness Area (n = 1 un)
4. WI, Green Lake Co., White River Marsh (n = 1 re, 2 ny)
5. WI, Iowa Co., Wisconsin River slough, Muscoda (n = 1 re, 2 ny)

Rhionaeschna californica (Calvert)

1. CA, Tuolumne Co., Birch Lake (n = 1 ny)
2. OR, Benton Co., pond, Corvallis (n = 1 ny)
3. OR, Hood River Co., pond nr. Columbia River Hwy, Mt. Hood
National Forest (n = 4 ny)
4. UT, Tooele Co., pond, Timpie Springs Waterfowl Management
Area (n = 2 ny)
5. WA, Spokane Co., Blackhorse Lake, Turnbull National Wildlife
Refuge (n = 1 re)
6. WA, Spokane Co., Kepple Lake, Turnbull National Wildlife
Refuge (n = 1 re)

Rhionaeschna multicolor
(Hagen)

1. CA, Inyo Co., pond nr. 5 Bridges Road (n = 1 re)
2. CA, San Mateo Co., Searsville Lake, Jasper Ridge Biological
Preserve (n = 1 re)
3. OR, Lane Co., pond, Pirtle Rd. (n = 3 un)
4. WI, Eau Claire Co., retention pond, Eau Claire (n = 3 re, 2 un)

Rhionaeschna mutata
(Hagen)

1. MN, Washington Co., pond, Warner Nature Center (n = 1 re,
1 un)
2. WI, Marquette Co., Stoicks Pond (n = 4 un)
3. WI, Walworth Co., pond, Kettle Moraine State Forest, So. Unit
(n = 2 ny)
4. WI, Waukesha Co., pond, Kettle Moraine State Forest, So. Unit
(n = 2 ny)
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During the course of his career Walker used different terms for wide part
of the labium he measured and clearly intended specific meanings by use of
these terms. For some species Walker measured the maximum width of the
prementum, which he referred to as the greatest width or greatest breadth, but
for other species he measured the distal width, which he often called apical width
or apical breadth. Distal width and greatest width are not equivalent and do not
necessarily give similar width/length ratios for all species because the greatest
width may be some distance from the distal-most part of the prementum. For
some species Walker explicitly stated that the folded labium was widest at the
distal end of the prementum, and for others, that the greatest width was some
distance before the distal end.
In his earliest work, Walker (1912) consistently referred to the illustrated
structure as the “mentum of the labium,” of which he usually measured the
apical (= distal) breadth. He stated a width/length ratio for nine species in this
publication. When we compared ratios we derived from his illustrations for
these species with his stated ratios, we found that all but one had stated ratios
that were closer to the illustration ratio without the postmental hinge than to
the illustration ratio with the hinge included (Table 2). The single exception, A.
juncea, had a stated ratio of “the apical breadth a little more than 2/3rds of the
length,” which is ambiguous when compared with calculated illustration ratios
that are both 2/3rds or greater. We therefore conclude that early in his career
Walker measured the prementum proper, without including the postmental
hinge. Walker (1912) did not illustrate the folded labium of A. subarctica, stating only that it was indistinguishable from that of A. juncea.
In his works published from 1922 through 1941 Walker continued to
describe the structure as the mentum of the labium and by that continued to
mean, in most cases, just the prementum proper exclusive of the postmental
hinge. Thus, his 1922 description of the nymph of A. sitchensis does not include
the postmental hinge in his stated ratio of about 0.80 (Table 2). In 1934 Walker
gave no mention of making any labial length measurements of either A. juncea
or A. subarctica. We therefore lack any basis for making a judgment about how
he interpreted the length of the structure at that time. In his 1941 description of the nymph of A. verticalis, Walker stated that the greatest width of the
mentum of the labium was 3/4ths of the length, which is again fully consistent
with the postmental hinge being excluded from measurement (Table 2). In this
paper, Walker (1941) also stated that the distal widths of the labia were 80%
to 85% of the length for both A. juncea and A. subarctica, which is consistent
with the postmental hinge being excluded in the labial length measurements
of both species. However, Walker’s measurement of the length of the mentum
of the labium in his description of the nymph of A. septentrionalis in the same
year (Whitehouse 1941) is noteworthy because for the first time his stated ratio
of “greatest breadth three-fifths of length” evidently included the postmental
hinge (Table 2).
In his most recent work (1958), Walker’s treatment of the labium was
inconsistent among the 16 species, requiring careful reading to ascertain the
intended meaning of the individual elements. His descriptions of the labium
from this work are excerpted in Table 3, where it is evident that his descriptions of the labium are often buried in long, frequently punctuated sentences
that for most species include the terms “folded labium” and “prementum” in the
same sentence. Therefore, careful attention is required to know which length
measurement is intended in the width/length ratio. Walker (1958) referred to
the following aspects or ratios involving the labium, though not all of them for
each species and not always in the same order (number of species for which
that aspect or ratio was referred to in parentheses): how far back the folded
labium reached relative to the position of the mesocoxae (7) or hind coxae (1);
where the folded labium was widest (6); the greatest or distal width/length ratio for the folded labium (9) or the prementum (5); the ratio of the width of the
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Table 2. Labium ratios (width/length) of exuviae or F-0 nymphs of 14 species of Aeshna
and Rhionaeschna as stated by Walker from 1912 through 1941 and as we calculated from
measurements of his illustrations for those years (with and without the postmental hinge).
Underlined ratios (where applicable) are the closer of the pair of ratios from Walker’s
illustrations to his stated ratio. Labium width is either apical [= distal] or maximum [=
greatest], with the terms he used for each species given in rightmost column.
				
Ratios calculated from
				
measurements of
				
Walker’s illustrations
			
Walker’s			
			
stated
without
with
Species		
ratios
hinge
hinge

Walker’s terms
for the distal or
maximum width
of the labia he
measured

A. canadensisa		
A. clepsydraa		
A. constrictaa		
A. eremitaa		
A. interruptaa		
A. junceaa		
A. junceac		
A. palmataa		
A. septentrionalisf		
A. sitchensisb		
A. subarcticaa		
A. subarcticac		
A. umbrosaa		
A. verticalisd		
R. californicaa		
R. multicolora		

apical breadth
apical breadth
apical breadth
apical breadth
apical breadth
apical breadth
width at distal margin
apical breadth
greatest breadth
greatest breadth
labium like A. juncea
distal width
apical breadth
distal width
apical breadth
apical breadth

>0.71
0.71
~0.86
~0.78
~0.71
>0.67
not given
~0.80
0.60
0.80
not given
not given
~0.75
0.75
not given
~0.89

0.72
0.64
0.73
0.64
0.88
0.76
0.81
0.70
0.75
0.66
0.74
0.67
0.83
0.74
0.76
0.68
0.66
0.59
0.77
0.69
not illustrated		
0.84
0.76
0.66
0.61
0.75
0.67
0.91
0.79
0.89
0.79

Walker 1912
Walker 1922
c
Walker 1934
d
Walker 1941
f
Whitehouse 1941
a
b

prementum at the base/distal or greatest width (10); the ratio of the width of
the prementum at the base/length (2); similarity of the labium or head to other
species (5); and a description of the shape of the lateral margins or sides of the
folded labium or prementum (14). Walker (1958) referred to distal or greatest
width of the labium in a fashion similar to his earlier works, referring to distal
width for seven species, greatest width for three species, and for four others he
stated that the distal width equaled the greatest width (Table 3). Thus, he appeared to tailor the description of the labium of each species to best meet what
he judged to be the most diagnostic aspects for that species.
For the nine species for which Walker (1958) indicated that the greatest
or distal width of the labium was divided by the length of the folded labium (see
Table 3), his stated ratios were closer in all cases to the calculated ratios that
included the postmental hinge that we derived from both his illustrations and
the specimens in our collections (Table 4). This result leaves little doubt that
when Walker (1958) referred to the folded labium, he meant the prementum
plus the ventrally visible portion of the postmental hinge.
Among the five species for which Walker (1958) indicated that the greatest or distal width was divided by the length of the prementum, he stated a
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Table 3. Descriptions of the length, width, and shape of the labium of 16 species of
Aeshna and Rhionaeschna excerpted from Walker (1958).
Species

Labium description

A. canadensis

… folded labium about five-eighths as broad at base as at distal
articulation, the greatest width being equal to about 70 percent of
the length; proximal three-fifths with sides slightly divergent distad
and slightly convex; distal two-fifths of sides more decidedly convex;
…

A. clepsydra

… folded labium widest at distal end, width here 65 percent of the
length, width at base of prementum seven-elevenths of its length;
distal two-fifths of lateral margins about as convex as in canadensis; …

A. constricta

Folded labium reaching mesocoxae, width at base of prementum
slightly more than half the distal width, which is equal to about
three-quarters of the length; proximal four-sevenths of prementum
widening considerably, the sides straight, distal three-sevenths
widening more rapidly, the sides moderately arcuate; …

A. eremita

… distal width of folded labium 70 percent of length; proximal width
of prementum 61 percent of distal width; lateral margin of prementum strongly arcuate in the distal 36 percent of its length; …

A. interrupta

Folded labium a little narrower than in eremita, the distal width
being 65 percent of the length, as compared with 70 in eremita;
width of prementum at base 58 percent of distal width, the convexity of the lateral margin in the distal three-eighths of its length less
pronounced than in eremita.

A. juncea

… folded labium widest a little before the distal articulation, the
width here being nearly two-thirds of the length, lateral margins
slightly divergent in the proximal three-fifths, strongly convex
distally, …

A. palmata

… folded labium reaching a little beyond the middle of the mesocoxae, its greatest width, at the distal end, equal to about two-thirds
of the length, its proximal four-sevenths straight-sided, widening
slightly distad; the distal three-sevenths with sides strongly arcuate, …

A. septentrionalis … folded labium reaching a little beyond the mesocoxae, like that
of umbrosa in form, proximal width of prementum about half the
distal width, which is equal to about two-thirds of its length; sides
nearly straight and slightly divergent in proximal three-fifths,
strongly arcuate in distal two-fifths; …
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Table 3. Continued.
Species

Labium description

A. sitchensis

… folded labium reaching middle of mesocoxae, relatively wide in
proximal half, with sides nearly straight and slightly divergent,
distally strongly convex, the greatest width well before the palpal
articulations, about equal to four-fifths of the length of the prementum; proximal width of which is barely less than two-thirds of its
distal width; …

A. subarctica

Head and eyes as in juncea; labium with prementum somewhat less
widened distally, the lateral margins less strongly sinuate and not
converging to the bases of the palpi; proximal width a little more
than three-fifths of distal width; …

A. tuberculifera

… folded labium attaining the level of the hind coxae, slightly
longer than hind femora, its distal width about 55 percent of the
length, basal width of prementum slightly less than half the distal
width.

A. umbrosa

Folded labium reaching beyond the bases of the mesocoxae, its
greatest width, at distal end, three-fifths of its length, the proximal
four-sevenths straight-sided, widening but little distad, the sides
distally strongly arcuate; …

A. verticalis

… folded labium widest at distal end, the width here being equal to
two-thirds of the length; width at base of prementum slightly more
than half its length; sides proximally nearly straight and slightly
divergent, in distal three-sevenths moderately convex; …

R. californica

Folded labium reaching as far back as middle of mesocoxae, basal
width of prementum a little more than half its distal width, which
is a little less than the length; sides somewhat divergent throughout its length, slightly convex in the proximal three-sevenths,
almost equally convex but more widely divergent in the distal twofifths, …

R. multicolor

Folded labium attaining a level of middle of mesocoxae, widening
distally throughout its length, particularly in the distal threesevenths, although this part is less dilated than in most species of
Aeshna, lateral margins slightly sinuate, basal width of prementum
about half its distal width, which equals about eight-ninths of the
length; …

R. mutata

Very like that of A. multicolor, all parts of the head apparently
indistinguishable in the two species.
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ratio for four of the species (A. constricta, A. septentrionalis, A. sitchensis, and
R. multicolor). Among these four species, his stated ratios were closer to our
ratios from his illustrations excluding the postmental hinge for two species
(A. sitchensis and R. multicolor), closer to the illustration ratio with the hinge
included for one species (A. constricta), and about equidistant between the two
for another (A. septentrionalis) (Table 4). Ratios calculated from our specimens
followed the same pattern except for A. septentrionalis, for which our ratio
excluding the hinge was clearly closer to Walker’s stated ratio (Table 4). This
analysis indicated that when Walker (1958) referred to the prementum, he likely
intended to restrict his measurements to that structure. The single exception (A.
constricta) could be due to intraspecific morphological variation or an unknown
source of methodological error.
Ratios of W(max)/L using both the folded labia and prementums of our
specimens were consistently similar to Walker’s (1958) for nearly all species
(Table 4). We postulate that for those species for which a somewhat larger
disparity existed between our ratios and his stated ratios (A. interrupta and A.
juncea) that the differences were more likely due to geographic or individual
morphological variation within these species than to either determination or
measurement error. Two considerations support this conclusion: 1) differences
were noticeable for species that are relatively easy to identify (i.e., A. constricta
and A. tuberculifera) reducing the probability of determination errors, and 2)
differences were about equally likely to go in either direction (larger or smaller;
Table 4) reducing the probability of systematic methodological errors. We also
note that measurements and ratios done independently by the two authors
of this paper were invariably similar. These similarities serve to affirm the
conclusion that although measurements of the prementum and folded labium
must be done with care, they are closely repeatable among workers and will
consistently lead to correct species determinations in properly designed couplets
of dichotomous keys.
Whether or not the visible portion of the postmental hinge should be
included when the labia of Aeshna and Rhionaeschna nymphs are measured
depends on the application and the species involved. Because most recent species
keys to these genera are based on Walker (1958), the postmental hinge should
be included in labium length measurements for those species for which Walker
measured the folded labium and stated a ratio (A. canadensis, A. clepsydra, A.
eremita, A. interrupta, A. juncea, A. palmata, A. tuberculifera, A. umbrosa, and
A. verticalis). For those species for which Walker measured the prementum
to calculate labial width/length ratios and stated a ratio (A. sitchensis and R.
multicolor) only the prementum should be measured. Interpretations of the
data for the remaining species are ambiguous because Walker did not give a
ratio for A. subarctica, R. californica, or R. mutata, the ratios we measured for
A. septentrionalis were inconclusive when compared with Walker’s stated ratio
for that species, and Walker’s stated ratio for A. constricta was closer to our
calculated ratios that included the postmental hinge (folded labium) even though
he indicated that he measured the prementum of that species.
When using characteristics of the labium in dichotomous keys to determine
species of Aeshna and Rhionaeschna, it is imperative that workers know what
measurement is referred to in the particular key being used. An approximate
conversion between the two methods of calculating ratios of labial W(max)/L can
be made as follows: ratio calculated when the length of the prementum excluding
the postmental hinge is used x 0.88 is approximately equal to the ratio when the
length of the folded labium including the visible portion of the postmental hinge
is used for species of Aeshna and Rhionaeschna in North America. We further
note that the standard errors of measurement of the labia of our specimens
(indicators of measurement variability) were smaller when the prementum was
measured without the postmental hinge for 8 of the 16 species (Table 5). Standard
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Table 4. Labium ratios (greatest or distal W/L) of exuviae or F-0 nymphs of 16 species of Aeshna and Rhionaeschna as stated by Walker (1958), as we calculated from
measurements of his 1958 illustrations (with and without the postmental hinge), and
of nymphs and exuviae in our collections (with and without the postmental hinge;
maximum width measured). Underlined ratios (where applicable) are the closer of the
pair of ratios from Walker’s illustrations, and our specimen measurements, to Walker’s
stated ratio.
		
		
Walker’s
stated
ratios
Species
(1958)
A. canadensis
A. clepsydra
A. constricta
A. eremita
A. interrupta
A. juncea
A. palmata
A. septentrionalis
A. sitchensis
A. subarctica
A. tuberculifera
A. umbrosa
A. verticalis
R. californica
R. multicolor
R. mutata
a

Ratios calculated from
measurements of
Walker’s illustrations

~0.70
0.65
~0.75
0.70
0.65
<0.67
~0.67
~0.67
~0.80
none given
~0.55
0.60
0.67
none givena
~0.89
none given

without
hinge

with
hinge

0.76
0.74
0.83
0.80
0.80
0.85
0.75
0.69
0.77
0.82
0.61
0.69
0.75
0.96
0.89
0.87

0.70
0.66
0.74
0.73
0.71
0.76
0.68
0.64
0.68
0.75
0.55
0.64
0.68
0.86
0.83
0.78

Ratios calculated from
specimens measured
by the authors
without
hinge
0.80
0.77
0.89
0.84
0.81
0.81
0.79
0.65
0.77
0.80
0.66
0.71
0.75
0.93
0.90
0.91

with
hinge
0.70
0.68
0.77
0.73
0.71
0.71
0.70
0.57
0.67
0.71
0.59
0.63
0.66
0.80
0.80
0.78

the distal width of the prementum was described as being a little less than the length.

errors were equal between the two forms of length measurement for the other 8
species; in no case was the standard error smaller when the postmental hinge
was included in the measurement. Because including the postmental hinge in
measurements of the labium evidently adds an unnecessary additional source
of potential error, we recommend that workers restrict length measurements
to the prementum (Fig. 1; measurement “L1”) in future studies of this family.
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A. canadensis
A. clepsydra
A. constricta
A. eremita
A. interrupta
A. juncea
A. palmata
A. septentrionalis
A. sitchensis
A. subarctica
A. tuberculifera
A. umbrosa
A. verticalis
R. californica
R. multicolor
R. mutata

4.81 (0.05)
4.72 (0.05)
5.36 (0.06)
5.84 (0.10)
4.81 (0.04)
4.75 (0.05)
4.89 (0.04)
3.88 (0.04)
3.79 (0.03)
5.13 (0.04)
4.67 (0.07)
4.66 (0.07)
4.46 (0.05)
4.49 (0.05)
5.11 (0.06)
5.15 (0.04)

2.87 (0.04)
2.69 (0.03)
2.62 (0.02)
3.42 (0.06)
2.60 (0.03)
2.61 (0.04)
2.41 (0.02)
1.96 (0.03)
2.03 (0.02)
3.10 (0.03)
2.24 (0.03)
2.25 (0.04)
2.43 (0.03)
2.54 (0.03)
2.60 (0.03)
2.86 (0.02)

			
Mean
Mean
prementum
prementum
maximum
minimum
width
width
Species
(Wmax)
(Wmin)
Mean
folded labium
length
(including
postmental
hinge)

5.98 (0.07)
6.82 (0.07)
6.12 (0.06)		6.97 (0.07)
6.06 (0.04)		6.93 (0.04)
6.96 (0.17)		8.00 (0.17)
5.93 (0.08)		6.73 (0.09)
5.89 (0.07)		6.71 (0.08)
6.22 (0.05)		7.00 (0.06)
5.97 (0.08)		6.76 (0.08)
4.93 (0.04)		5.69 (0.04)
6.38 (0.05)		7.23 (0.05)
7.08 (0.12)
7.90 (0.14)
6.60 (0.09)		7.37 (1.00)
5.94 (0.07)		6.71 (0.07)
4.81 (0.05)		5.59 (0.06)
5.66 (0.05)		6.42 (0.05)
5.68 (0.04)		6.57 (0.06)

Mean
prementum
length
(without
postmental
hinge)

Table 5. Mean prementum and folded labium width and length measurements (mm) of reared exuviae, unassociated exuviae, and F-0
nymphs of Aeshna and Rhionaeschna from specimens measured by the authors (n = 10 for all species; SE in parentheses, in bold when the
lower of a pair of length measurements).
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Regional Caddisfly (Trichoptera) Indicator Species for
Mid-Order Michigan and Minnesota Streams
David C. Houghton1

Abstract
Nearly 150,000 caddisfly specimens representing 238 species were analyzed from 166 5–15m wide streams within Michigan and Minnesota to determine the characteristic indicator species of 5 previously-established regions of
caddisfly biological diversity. Based on a combination of relative frequency and
abundance, 35 of these species indicated a particular region or regions. Indicator
species in forested regions constituted a balance of trophic functional groups,
whereas indicator species from agricultural regions were dominated by filtering
collectors. While it was difficult to determine if species were indicating natural
habitat type or differences in anthropogenic disturbance, establishing indicator
species now will render potential future changes to the fauna easier to evaluate.
____________________

Indicator species are those that define particular ecosystems or habitat
types. Indicator values for species are determined by combining their relative
frequency in an ecosystem with their relative abundance in that ecosystem into
an overall indicator value (Dufrêne and Legendre 1997). Knowing indicator
species is important for biological assessment because information about an
ecosystem can be inferred from the species that are indicative of it, and because
changes in indicator species populations will likely reflect changes in the ecosystem that might otherwise be difficult to detect.
This note determines indicator values for caddisflies (Trichoptera) in the
determined caddisfly regions of Michigan and Minnesota. Caddisflies are taxonomically abundant and ecologically diverse in nearly all types of freshwater
ecosystems (Mackay and Wiggins 1979). These traits, coupled with their differing tolerances to various types of ecological disturbances, render caddisflies
important in biological water quality monitoring (Dohet 2002).
Michigan and Minnesota have both been rigorously sampled for adult
caddisflies during the last 15 years using light traps (Houghton 2015). This
technique consists of an 8 watt ultraviolet light placed over a white pan filled
with ethanol and set near an aquatic habitat for 2 hours starting at dusk. While
not intended to be an exhaustive technique, maintaining consistent bulb wattage,
pan size, weather conditions, and time interval allows for quantitative comparisons between samples of the nocturnally active species (Wright et al. 2013).
Based on 79 samples from Michigan and 87 from Minnesota, mid-order
(5–15 m wide) streams of both states were previously ordinated into 5 distinct
regions of caddisfly biological diversity, with latitude, stream gradient, and relative upstream habitat disturbance determined as the most important variables
affecting overall caddisfly assemblages (Fig. 1) (Houghton 2015). These regions
have higher value at partitioning the caddisfly fauna into distinct groups than do
traditional landscape delineations such as watershed or biotic province and, thus,
are the appropriate sampling units for caddisflies in the two states (Houghton
Department of Biology, Hillsdale College, 33 East College Street, Hillsdale, MI 49242.
david.houghton.hillsdale.edu.
1
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Figure 1. The 5 caddisfly regions of Michigan and Minnesota as determined by Houghton (2015) relative to geographic location and land use. Land use data from the 2006
USGS National Land Cover Database (www.mrlc.gov).

2003). The purpose of this note was to determine indicator values for the individual species that indicated these particular established regions. Michigan
specimens were collected from 2009–2013 and are stored in the Hillsdale College
Insect Collection. Minnesota specimens were collected from 1999–2001 and are
stored in the University of Minnesota Insect Museum.
Species were tested for their value as indicator species using Dufrêne
and Legendre’s (1997) indicator species technique using the program PC-ORD
for Windows (McCune and Medford 2006). This method determines a species’
indicator value based on a combination of the percentage of streams within a
region that contain a particular species, and the average abundance of that
species within each region divided by the average abundance of that species
in all regions. Combining these frequency and abundance values yields an
overall indicator value, which is expressed as a percentage of perfect indication.
Thus, in order to be a significant indicator, a species needs to be common and
abundant in some ecosystems but not in others. A monte carlo test determines
the significance of determined indicator values (McCune and Medford 2006).
A total of 148,238 specimens were analyzed in both states combined. Of
the 238 species tested, 35 had significant indicator values for a particular region
(Table 1). Several species indicated >1 region. Indicator species of streams in the
Northern Great Lakes and Northern Forested regions were of a mix of trophic
functional groups. This pattern was expected by the river continuum concept
(Vannote et al. 1980), which predicts a balanced assemblage of trophic functional
groups in mid-order streams. Conversely, indicator species were >80% filtering

2015

THE GREAT LAKES ENTOMOLOGIST

95

Table 1. Overall indicator values (IV) and associated P values for the 35 significant
indicators of medium streams within the five caddisfly regions (NGL: Northern Great
Lakes, NF: Northern Forested, NM: Northwestern Minnesota, SA: Southern Agricultural, SM: Southeastern Minnesota) (Figure 1). Numbers below regions denote the
percentage of perfect indication based on a combination of species relative abundance
and relative frequency in a particular region. Species are arranged in approximate
descending IV value for each region, although some overlap exists for species indicating
multiple regions. Trophic functional groups: AP: algal piercer, FC: filtering collector,
GC: gathering collector, Sc: scraper, Sh: shredder, Pr: predator.
									
Species
Group
IV
P
NGL NF NM SA SM
Dolophilodes distinctus (Walker)
Hydropsyche sparna Ross
Hydroptila valhalla Denning
Molanna blenda Sibley
Rhyacophila fuscula (Walker)
Hydropsyche walkeri Betten and
Mosely
Cheumatopsyche gracilis (Banks)
Polycentropus centralis Banks
Hydroptila antennopedia Sykora
and Harris
Agrypnia improba (Hagen)
Hydroptila ampoda Ross
Limnhephilus ornatus Banks
Limnephilus moestus Banks
Lepidostoma togatum (Hagen)
Banksiola crotchi (Banks)
Glossosoma nigrior Banks
Hydroptila jackmanni Blickle
Oxyethira forcipata Mosely
Hydroptila wyomyia Denning
Oxyethira rivicola Blickle and Morse
Cheumatopsyche speciosa Banks
Ceraclea flava (Banks)
Hydropsyche confusa Walker
Potamyia flava (Hagen)
Hydropsyche bidens Ross
Hydropsyche simulans Ross
Hydroptila ajax Ross
Cheumatopsyche campyla Ross
Hydropsyche placoda Ross
Brachycentrus americanus (Banks)
Glossosoma intermedium Banks
Micrasema gelidum McLachlan
Hydropsyche alhedra Ross
Hydropsyche slossonae (Banks)
Hydroptila consimilis Morton

FC
AP
AP
Sc
Pr
FC

51.7
39.8
35.0
32.1
31.4
26.8

0.000
0.002
0.002
0.002
0.002
0.004

52
40
35
32
31
27

3
13
3
4
0
0

0
0
0
0
0
0

0
0
0
0
0
0

0
3
0
0
0
0

FC
Pr
AP

26.1
25.2
21.6

0.014
0.028
0.009

26
25
22

5
0
0

0
0
0

0
0
0

5
0
0

Sh
AP
Sh
Sh
Sh
Sh
Sc
AP
AP
AP
AP
FC
GC
FC
FC
FC
FC
AP
FC
FC
FC
Sc
FC
FC
FC
AP

22.5
19.6
18.5
39.0
34.4
29.9
20.8
22.6
26.9
20.9
20.7
92.9
54.4
37.5
62.1
60.2
56.9
20.7
18.4
18.1
50.5
49.7
44.4
39.1
36.1
23.3

0.026
0.015
0.038
0.001
0.000
0.010
0.048
0.042
0.002
0.022
0.028
0.000
0.000
0.000
0.000
0.000
0.000
0.006
0.047
0.018
0.000
0.000
0.000
0.000
0.002
0.032

22
20
18
39
34
30
21
12
4
10
2
0
0
0
0
0
0
0
0
0
3
0
0
1
13
7

7
0
5
15
19
29
10
10
27
21
21
0
1
0
0
0
0
0
3
1
4
0
0
1
7
3

0
0
0
0
0
1
0
0
0
0
0
93
54
38
62
60
57
0
2
0
0
0
0
0
0
0

0
0
0
2
0
1
0
0
2
0
0
0
0
0
32
10
25
21
18
18
0
0
0
1
0
5

0
0
0
0
3
0
0
1
1
0
0
0
0
0
0
0
0
0
0
0
51
50
44
39
36
23
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collectors in the Southern Agricultural and Northwestern Minnesota regions, and
67% in the Southeastern Minnesota region. Agricultural disturbance is higher in
these regions than it is in the Northern Great Lakes and Northern Forested regions
(Fig. 1) (see Houghton 2007 for an in-depth discussion of land use in these regions).
In the absence of historical data, it is difficult to determine if species in
this note are indicating natural habitat type or differences in anthropogenic
disturbance. While I suspect both factors have an important influence on caddisfly assemblages, indication of anthropogenic disturbance may be the more
important use of these indicator species data going forward. In both prairie and
forested habitats, a caddisfly assemblage characterized by filtering collectors
has been shown to reflect agricultural disturbance of the surrounding watershed (Whiles et al. 2000, Gage et al., 2004, Houghton 2007). More specifically,
streams of northwestern Minnesota changed during the increase in agricultural
land use of 1950–1985 from those containing a balance of functional groups to
those dominated by filtering collectors (Houghton and Holzenthal 2010). Now
that characteristic indicator species have been determined for the 5 caddisfly
regions of Michigan and Minnesota, any future changes to the assemblages
would likely reflect changes in watershed integrity. Thus, by establishing
the characteristic caddisfly indicator species of these regions now, any future
changes to the fauna and associated watersheds can be evaluated with greater
precision and confidence.
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First Record of the Arid-Land Termite,
Reticulitermes tibialis Banks, in Wisconsin
Rachel A. Arango

Abstract
During a survey of termites in Wisconsin, one colony was found from a
different habitat than the remaining populations. This observation led to further genetic testing which resulted in a determination of Reticulitermes tibialis
Banks. This is the first record of a termite species other than Reticulitermes
flavipes (Kollar) to be established in the state.
____________________

Numerous records of the eastern subterranean termite, Reticulitermes
flavipes (Kollar), have been recorded from Wisconsin, a species which has long
been thought to be the only termite species established in the state. Outside of
an urban environment, colonies of R. flavipes are often found in shady, wooded
areas under logs and in decaying trees. During a survey of Wisconsin termite
populations, one site at Hardscrabble Prairie in Hazel Green showed termite
activity under logs and rocks in the middle of a sunny prairie with very little
shade cover, prompting further evaluation.
As morphological identification of termites is often difficult, genetic-based
techniques were utilized for species determination to support observed physical
characteristics. Termites were collected 24 July 2013 in cardboard placed under
logs in the middle of the prairie. Deoxyribonucleic acid (DNA) was extracted
from three individual worker termites using the Promega Wizard genomic DNA
purification kit following the protocol for isolation of genomic DNA from animal
tissues. Termite DNA (~50ng/µl) was amplified using primers TL2-J-3037
(5’-ATGGCAGATTAGTGCAATGG-3’) and TK-N-3785 (5’-GTTTAAGAGACCAGTACTTG-3’), which are specific for the mitochondrial COII genes as chosen by
Lim and Forschler (2012). Polymerase chain reaction (PCR) was performed in
a standard 50 µl reaction in a MJ 225 DNA Engine Tetrad thermocycler. PCR
conditions included a denaturation step at 94°C for 1 minute followed by 30
cycles each consisting of 1 minute at 94°C, 1 minute at 51°C for annealing, and
2 minutes at 72°C for extension. The cycle finished with a post-cycle extension
at 72°C for 5 minutes. PCR products were cleaned using a Promega Wizard SV
gel and PCR cleanup system followed by Big Dye sequencing reaction. Samples
were then cleaned by bead cleanup (Agencourt AMPure XP) prior to submission
for sequencing in both directions to UW Biotech (Madison, Wisconsin—Biotechnology Center). Molecular analyses and resulting sequences were aligned using
MEGA: Molecular Evolutionary Genetics Analysis Free Software (version 5)
(Tamura et al. 2011) and searched using the basic local alignment search tool
(BLAST). All three samples resulted in a 99% identity match to the arid-land
termite, Reticulitermes tibialis Banks (accession number: AY168206).
Unlike R. flavipes, R. tibialis is able to withstand more arid conditions,
making it less susceptible to desiccation (Pickens 1934). This explains its presence in the middle of a sunny, Wisconsin prairie. Since this species has been
found only on the south-western most border of the state, it is likely that this
population lies on the northern boundary of R. tibialis distribution. The discovery

2015

THE GREAT LAKES ENTOMOLOGIST

99

is not substantially outside of the known distribution of this species, as it has
been found as far north as Iowa and Idaho (Austin et al. 2008).
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Book Review
The Bee, A Natural History, by Noah Wilson-Rich (2014, Princeton University
Press. ISBN: 9780691161358. US$27.95)
Upon receiving “The Bee, A Natural History”, by Noah Wilson Rich, I was
drawn in by the title and the beautiful rust and grey front cover featuring a
nearly 3-D photo of a honey bee. I immediately felt twinges of excitement—this
is the book I have always wanted to have available for my university course,
Apiculture and Honey Bee Biology—and disappointment—I did not write it! The
“bee”— singular—accompanied by the high-resolution photo, suggested that this
book focused on the world’s best understood insect that my course is centered
around, Apis mellifera. I began to leaf through it, seeing most of the topics that
I center my lectures around: bee diversity, bee senses, colony life cycle, swarming, common pests and diseases, stings and venom allergy, pollination biology,
colony collapse disorder, effects of pesticides…. All with such beautiful photos
and diagrams. Some topics are welcome new additions: immunology, bees in
amber, a discussion of regulation of bee activities involving both juvenile hormone and vitellogenin, thermoregulation and “fever”. My interest was peaked.
Unfortunately, as I started to read the text, I became quickly disillusioned.
Most of the information is presented clearly and concisely, and provides a quick
and sometimes very intriguing summary of the topic at hand. But I found large
gaps between what could have been and what was presented. Some facts about
honeybees that I find so amazing are lacking. For example, the title page for
Chapter 2 has a spectacular close-up photo of bee wings, but with no figure legend. The hamuli that enable the hind and forewings to connect and work as one
unit are readily visible, but there is nothing to point to this amazing structure,
although they are mentioned in the text on the next page. On that same page
dealing with “anatomy of a honey bee”, the antennal cleaner of the foreleg and
the corbicula (pollen basket) of the hind leg are mentioned, but the structures
are not depicted. “The mechanics of bee flight” (p. 31) discusses why bees should
not be able to fly and the evidence from high-speed photos that the wing shape
is not static, which is all of interest, but what about long-standing knowledge
of how the indirect flight muscles warp the shape of the thorax to enable the
wings to move up and down? I researched swarming behavior of honeybees
for my PhD degree and had a strong interest in seeing how the author dealt
with the complex behaviors associated with colony reproduction. I was greatly
disappointed—the topic that takes me 3 full lectures to cover was superficially
handled in two short paragraphs. These examples give some idea of why overall
this book disappointed me.
Additionally, I am always skeptical of books when I read “facts” that
are incorrect. As examples, it is stated (p. 31) “bees rely on nectar for carbohydrates and pollen for protein.” That is partially true, but bees also require
fats, minerals and vitamins, also obtained from pollen. Haplodiploidy is
shared only with other members of the order Hymenoptera? Not true—it
is the sex determination system in scale insects, thrips, and some mites,
Hemiptera and bark beetles. The description on p. 38 of juvenile hormone
levels through the development of a bee larva to adult is superficial; the diagram is overly simplistic and consequently incorrect. The sentence on p. 38
about the triggering of swarming by a lack of queen mandibular pheromone
is only partially true—much more important is the inadequate distribution
of QMP (and possibly other pheromones) from the queen to other bees within
the colony by “messenger bees” that stimulates swarming. To the best of my
knowledge, diploid drone larvae are cannibalized by workers shortly after
hatching and consequently triploid honey bees never occur naturally (p.
35—the rest of this entry deals with Polistes paper wasps!).
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Given the beautiful photo of a honey bee on the cover, I had the impression
that Wilson-Rich’s book would be centered upon that species. It made sense that
other taxa of bees were mentioned on the first few pages, to frame the discussion of where honey bees fit in within the 20,000+ species of bees. However,
non-Apis bees continue to be discussed at various points, like mention of the
bumblebee genome (p. 37), mating systems of bees (p. 44), social systems (pp.
52-53), dominance hierarchies and queen-worker plasticity (pp. 56-57), photos
of Anthophora (pp. 68-69), nesting (pp. 72-73) and parenting (pp. 82-83). Most
surprising was the “Directory of Bees” that gives accounts for 40 individual species, five honey bee species and fully 40 pages dedicated to species accounts of
solitary bees, bumblebees, and stingless bees. For such a short book (213 pages,
not including some references and the index), neither Apis or non-Apis bees are
covered adequately to satisfy specialists of either group.
For the novice who has an interest in bees, this book presents a remarkable breadth of topics and provides an entry point to their fascinating biology.
For example, the section on beekeeping gives equal coverage to basic honey bee
management; keeping solitary bees; ancient hive designs; Langstroth hives used
by commercial beekeepers throughout the world; observation hives; recordkeeping; urban beekeeping; natural beekeeping; and integrated management. For a
beginning beekeeper, this offers an unbiased introduction to options available
to them in their approach to their new activity. It truly is a visually stunning
book, with beautiful close-up photos that honor the beauty and diversity of
bees. It has pointed me towards several topics about which I need to update my
personal knowledge. While I won’t be using this book for my university course,
it represents an interesting and different approach to the topic of bees and is a
visually appealing addition to my personal library.
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